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ABSTRACT

The analysis of contaminants of emerging concern is critical to protecting
environmental health. In the presented dissertation, two groups of contaminants of
emerging concern were assessed using mass spectrometry methods: nanoparticles and
algal and cyanotoxins.
Analysis of metal oxide nanoparticles in environmental matrices has been a
challenging issue, as most traditional methods require complicated sample preparation
methods or that can alter or destroy the nanoparticles in the system. Single particle
inductively coupled plasma mass spectrometry (SP-ICP-MS) methods were used to detect
metal oxide nanoparticles in surface waters and their removal through drinking water
treatment simulations while retaining all information regarding primary particles.
Methods were developed to monitor titanium dioxide, cerium dioxide, zinc oxide, citratecoated silver, and citrated-coated gold nanoparticles directly in surface water and water
treated by multiple drinking water treatment methods. Results from these studies indicate
that removal depends on the starting water quality, the surface of the nanoparticles, and
the type of treatment employed.
Cyanotoxins, produced by freshwater cyanobacteria, are a group of contaminants
of emerging concern at the freshwater-marine water continuum. Cyanotoxins and several
marine algal toxins were analyzed by a direct injection liquid chromatography tandem
mass spectrometry (LC/MS/MS) in estuary samples from the contiguous United States.
Anatoxin-a, cylindrospermopsin, domoic acid, and microcystins were detected in U.S.
estuaries, indicating that cyanotoxins are transported to or produced in estuary systems.
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1. INTRODUCTION

1.1. CONTAMINANTS
METHODS

OF

EMERGING

CONCERN

AND

DETECTION

Environmental contaminants can arise from many sources, be inorganic or
organic compounds, and can impact human and ecological health (environmental health).
Given the staggering numbers of chemicals produced anthropogenically and naturally,
the challenge of prioritizing research and determining toxic effects of these chemicals is
enormous.1 Generally, these compounds are identified as the result of some observed
toxic effect in humans and animals, as a result of environmental impacts over the longterm, or are identified and prioritized based on exposure potential.1,2 Analytical
challenges associated with the detection of contaminants of emerging concern include
contaminant identification, sample preparation, compound identification, and
quantitation. In this body of work two contaminant types of emerging concern, metalbased nanoparticles and cyanotoxins, are examined in the context of detection
methodology, environmental occurrence, and potential for human and environmental
health risks.
Engineered nanoparticles (ENPs) are an example of emerging contaminants that
have received significant attention in recent years due to numerous applications in
personal care products, sunscreen, and medicine among many others.3 ENPs can enter the
environment through a variety of applications ranging from personal care products to
medicines, with the potential for human dermal, oral, and inhalation exposure.4 There are
significant challenges associated with determining human and environmental health risks
of these materials due to their size and nature: nanoparticles are too small for most
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filtration methods, can sorb to organic materials in environmental systems, stability,
dissolution, and the presence of background nanoparticles make detection challenging.5
Mass spectrometry methods have recently been employed to determine ENPs in natural
and treated waters, food, and plants and is a promising technique for future investigations
into toxicity and occurrence.6–12
Cyanotoxins are an emerging topic in human and environmental health due to
their implications in human and animal illnesses worldwide.13,14 Only a handful of
cyanotoxins are monitored (a few microcystin congeners and cylindrospermopsin), but
there are many more that have yet to be identified. In the case of microcystins, there are
over 250 known congeners.15 Cyanotoxins are an emerging contaminant in marine water
systems, where they have not historically been monitored as a result of their primary
occurrence in freshwater systems; however, recent events indicating cyanotoxin exposure
of marine wildlife indicates the need for cyanotoxin monitoring in marine
environments.16,17 Detection is complicated due to a lack of reference materials for many
of the known cyanotoxins, and the understanding that there are many more cyanotoxins
that have yet to be identified. Enzyme-linked immunosorbent assay (ELISA) methods are
a common screening tool for major toxin classes. These methods are rapid and can be
performed with minimal expertise, but interpretation is complicated when multiple
congeners are detected and have varying toxicity.15,18 Mass spectrometry methods are
often employed in research efforts to accurately quantitate specific cyanotoxin
compounds, but require reference materials that may not be available for accurate
quantitation.19
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1.2. NANOPARTICLES: AN EMERGING SURFACE WATER CONTAMINANT
Inorganic nanoparticles have increased in global production over the last decade
due to unique physiochemical properties, and production is projected to increase in the
next decade.20 Nanoparticles are materials with at least one dimension smaller than 100
nm, and can be made of organic and inorganic components.21 Nanoparticles have been
used for a multitude of applications, ranging from paints and coatings, electronics,
personal care products, sunscreen, food additives, antimicrobial uses, and drug
delivery.22–25 The most commonly used metallic nanoparticles include titanium dioxide
(TiO2), zinc oxide (ZnO), cerium dioxide (CeO2), silver (Ag), and gold (Au). While
nanoparticles have long been used in photocatalysis, particularly TiO2, more recent
applications have significantly increased production of nanosized materials worldwide.20
As nanomaterials are used in consumer products, they will inevitably be released into the
environment, where their human and environmental health impacts are not yet well
understood.
1.2.1. Toxicity of Nanoparticles. The toxicity of ENPs depends on the type of
material the particle is made from, size of the ENPs, the solubility of the ENPs, and the
presence of other toxins. An exhaustive review of literature regarding the toxicity of
titanium dioxide nanoparticles in humans and mammals was conducted by Fabian et al.
2019.26 The major findings of this review indicated that regularly consumed titanium
dioxide nanoparticles can impact the brain, heart, internal organs, and intestinal mucosa
as well as increase the risk of disease development. An additional consideration for
titanium dioxide nanoparticles is the toxicity difference between crystal structures:
anatase, rutile, and brookite. There is some evidence that anatase may induce more toxic
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response to human peripheral blood monocytes compared to rutile titanium dioxide
nanoparticles, but more work needs to be done to fully understand the variability.26
Zinc oxide ENPs have been used in sunscreens due to their UV absorption
properties and food packing due to antimicrobial properties.27 Thus the main routes of
human exposure to these ENPs is dermal and oral ingestion. In vitro studies of zinc oxide
ENP exposure on human cell types primarily indicate that toxic effects are the result of
dissolution outside of cells.28 Others suggest that toxic effects on human cancer cells are
the result of the production of reactive oxygen species by zinc oxide ENPs.29–31
Cerium dioxide ENPs are used in a wide variety of applications, including
catalysis, oxygen sensing, solar cells, polishing, and are used as diesel fuel additives.
These ENPs have been reported to be toxic to human monocytes at low doses (0.5 – 10
µg/L).32 Similar concentrations have been reported to be toxic to human lung cancer
cells.33,34 In rats, acute toxicity was observed after inhalation of cerium dioxide ENPs,
resulting in cytotoxicity.35
Silver ENPs are often used as an antimicrobial agent in clothing and colloidal
silver is produced and used as a medicinal cure-all by a small portion of the population.
Animal exposure to nanoparticle silver has been reported to cause weight loss,
hypoactivity, changes brain chemistry, enlarged hearts, and death.36 Nanoparticle silver
caused apoptosis in several human cell lines while ionic silver resulted in cell necropsy.37
This result may be used in future studies to assist in cell effect determinations when
testing silver nanoparticles. Gold ENPs have been found to be useful in biomedical
applications such as drug delivery. The toxicity of gold ENPs is unclear, as there are
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many conflicting reports, but it has been suggested that the uptake and toxicity of these
ENPs can be controlled through the use of ligands on the surface.38,39
Dermal absorption is of interest as nanoparticles are often used in personal care
products and sunscreens which are directly applied to skin, primarily titanium dioxide
and zinc oxide. Titanium dioxide ENPs have been shown to penetrate dermal layers in
some cases, and no penetration was observed in others.40 There are also conflicting
reports on the impacts of zinc oxide ENPs on skin.40–42 Few reports exist on dermal
exposure for gold and silver ENPs. Gold ENPs have been observed to have a size
dependent permeation of skin layers,40 and when they have entered cells, non-toxic
results were observed.43 Dermal exposure to silver ENPs is primarily through the use of
antimicrobial clothing. Studies have shown that the silver ENPs in these materials can
dissolve into sweat and saliva, but depended on how the materials were processed.44
Other studies report minimal adverse effects of silver ENPs in dermal toxicity testing.45
1.2.2. Nanoparticle Detection Methods. The detection of metal based ENPs in
environmental matrices is complex due to matrix interferences, sample preparation
requirements, and the presence of dissolved metals in the samples.5 Identification of
ENPs is further complicated by the presence of naturally occurring metal-oxide
nanoparticles. When considering nanomaterials, there are multiple parameters that are
important: diameter, hydrodynamic diameter, specific surface area, mass, surface charge,
shape, aggregation, and composition. There is not one single technique that can provide
information regarding all parameters, rather, multiple techniques that provide information
regarding one or more parameters. Traditional methods to analyze ENPs including
imaging, field flow fractionation (FFF) methods, zeta-potential measurements, and
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inductively coupled plasma mass spectrometry (ICP-MS) on acid digested materials.5
Many of these techniques require sample preparation for natural water samples, such as
evaporation, ultrafiltration, and digestion with acid, to analyze samples for one or more
parameter using the techniques previously mentioned. Imaging techniques including
transmission electron microscopy (TEM) and scanning electron microscopy (TEM)
provide information on particle size, shape, and when coupled to X-ray fluorescence
(XRF) can provide elemental compositions of the surface of ENPs. Methods such as FFF
separate particles based on hydrodynamic diameter by applying a perpendicular flow
across a membrane that the particles cannot pass.46 However, there are disadvantages to
this method in that run times are long, usually an hour or more, and complicated sample
preparation is required.47
Single particle inductively coupled plasma mass spectrometry (SP-ICP-MS) is an
emerging technique for the analysis of ENPs, particularly in environmental samples.
Using this method, water samples can be directly injected into an ICP-MS and dissolved
element fraction and particulate fractions can be simultaneously detected as well as
particle concentration, agglomeration state, size, size distribution, and composition. Other
matrices, such as biological material, sunscreen, and plants require some sample
preparation before analysis. ICP-MS systems are modified to have a low sample flow rate
and short dwell time. Under these conditions, an ENP from a sample will enter the
plasma torch, is ionized into a packet of ions, and is transported through the quadrupole
to the detector. This number of ions is directly related to the size of the ENP, and can be
used to back-calculate the particle size based on a known particle shape, in most cases
assumed to be spherical.48 It is critical that only one particle reaches the detector at a time
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to accurately determine particle size and frequency, which is used to determine particle
concentration.11,49,50 The dissolved portion of an element appears as a constant
background signal, while particles appear as sharp peaks in the spectrum.51 There are a
few key assumptions that are made when performing this type of analysis: regular and
known particle shape, density, and composition, all particles are completely ionized in
the plasma torch, and that agglomerations are not altered during sample introduction.
This technique has proven to be useful when characterizing ENPs in a variety of matrices
including surface waters and during drinking water treatments11,52–54, in wastewater
effluent55,56, soils8, chicken meat57,58, other biological matrices59, sunscreen60, and
plants61,62.
1.2.3. Nanoparticles in Surface Water and Treated Drinking Water. The
analysis of ENPs in surface waters and their fate through drinking water treatment
processes has been of interest to researchers due to the unknown health effects they may
have on humans. Several studies have been conducted regarding the fate of metal ENPs
through drinking water treatment procedures. Alum, a popular coagulant, has been used
to remove titanium dioxide, zinc oxide, iron(III) oxide, nickel oxide, and silica ENPs in
tap water and nanopure water, with 20-60% removal.63 Alum coagulation was shown to
remove up to 99% of zinc oxide ENPs, 8% of titanium dioxide ENPs, and 20% of silver
ENPs.64 Polyferric sulfate, ferric chloride, polyaluminum chloride, and alum coagulation
methods were shown to remove titanium dioxide ENPs from water, with iron-based
coagulants resulting in the highest removal efficiency.65 Optimized conditions for
removal by polyferric sulfate and ferric chloride coagulants resulted in up to 90%
removal of titanium dioxide ENPs in a follow-up report.66 However, each of these studies
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relied on methods that destroyed the ENPs to analyze removal. SP-ICP-MS methods
were employed in one study to determine the behavior of silver, gold, and titanium
dioxide ENPs throughout a simulated drinking water treatment process including lime
softening, alum coagulation, filtration, and disinfection by free chlorine.52 The ENPs in
this study were primarily removed during the lime softening treatment (97 ± 3%). Further
study to include other types of ENPs and drinking water treatment processes are
imperative to understand potential risk assessments for ENPs in the drinking water
supply.

1.3. CYANOTOXINS: EMERGING COASTAL WATER CONTAMINANTS
There is a perceived global increase in the occurrence of cyanobacteria and
associated toxins, known as cyanotoxins, globally. Cyanobacteria are generally
categorized as freshwater harmful algal blooms resulting in anoxic conditions, taste and
odor problems, and in some cases the release of cyanotoxins67,68; however, the presence
of cyanobacteria and cyanotoxins are becoming of more concern in coastal and estuarine
environments as monitoring efforts increase. 16,17,69,70 Factors that can transport
cyanobacteria and cyanotoxins from freshwater to coastal and estuarine environments
include weather events (rain, drought, snow melts), tides, and anthropogenic water
discharge.16 As such, cyanotoxins are considered a contaminant of emerging concern in
coastal areas that may be susceptible to their occurrence. There are several major groups
of cyanotoxins including microcystins, nodularins, anatoxins, cylindrospermopsins, and
saxitoxins.18 Detection of cyanotoxins in coastal and estuarine environments is
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complicated due to salinity in water samples, which may dictate extensive sample
preparation before analysis.
1.3.1. Cyanotoxin Detection in High Salinity Waters. Enzyme-linked
immunosorbent assays (ELISAs) are a rapid screening technique that use antibodies
designed for a specific toxin or class of toxins (i.e. microcystins) to target and detect the
compounds in samples.71 For freshwater samples, little-to-no sample preparation is
required. However, when samples have salts present (in the case of estuary samples),
sample preparation is required to minimize interferences associated with binding during
the assay (such as salt removal) or the use of ELISA kits designed to tolerate saline
samples. While ELISA remains a rapid screening tool for toxins, the cross-reactivity of
these kits can in some cases overestimate the toxicity when less toxic congeners are
bound.15 Furthermore, cross-reactive kits lack specificity required to detect toxins on a
compound-by-compound basis. Capillary electrophoresis (CE) has been applied to
separate cyanotoxins, however microcystins congeners have not been successfully
resolved from each other, and sensitivity is inadequate without sample
preconcentration.72–74 CE methods have not currently been applied to high salinity
samples. Thus, liquid chromatography - mass spectrometry (LC-MS) is the most
ubiquitous technique to monitor cyanotoxins in environmental samples with the
specificity and sensitivity required for environmental applications. When considering the
analysis of high salinity samples using LC-MS, passing samples with high salt content to
the MS source can cause several major issues: ion suppression, physical build-up in the
source assembly, and sodium adduct formation. However, steps can be taken to mitigate
these effects including starting the mobile phase gradient at 100% aqueous phase to form
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a salt head that will elute first, and by diverting the first few minutes of the injection to
waste, bypassing the potential build-up on the source assembly. This dictates that
compounds of interest must elute after the diver time. Sodium adduct formation can be
minimized through the use of mobile phase additives such as ammonium formate.75
1.3.2. Microcystins. Microcystins are a group of hepatotoxic cyclic heptapeptides
first identified in the early 1980s.18 Most compounds in this class have a common ADDA
group (4E,6E-3-amino-9-methoxy-2,6,8-trimethyl-10-phenyldeca-4,6-dienoic acid)
attached to a ring of seven amino acids.76 There are over 250 reported congeners of
microcystins15 and have been isolated from freshwater cyanobacteria genera including
Anabaena, Microcystis, Oscillatoria, Planktothrix, Synechococcus, and
Synechocystis.15,67 The marine cyanobacteria Trichodesmium has been shown to produce
microcystins and saxitoxin in coastal environments.77 Toxicity of these compounds has
been shown to be congener dependent, and dominant forms vary based on unknown
factors.18,67,68,78 Microcystins and microcystin-producing cyanobacteria have been
detected in freshwater globally.79 The World Health Organization (WHO) and U.S.
Environmental Protection Agency (EPA) have issued guidelines for assessing potential
recreational exposure to microcystins. The WHO guidelines use three metrics to
determine potential risk assessment: microcystins concentration, chlorophyll-a
concentration, and cyanobacteria abundance.18 The EPA threshold is 8 µg/L for
microcystins.80 Interest in microcystins at the land-sea interface has increased in recent
years, and were the causative agent in the deaths of 21 southern sea otters in
California.16,69,81 Microcystis aeruginosa, one of the most well-studied microcystin
producing cyanobacteria species studied, has been found in coastal California creeks and
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lagoons with relatively high salinity (23 parts per thousand, PPT). Microcystin
accumulation in shellfish has been reported, and it is possible that some species may be
vectors for human exposure to microcystins.82–85
1.3.3. Nodularins. Nodularins, like microcystins, are cyclic peptides. They have an ADDA
group attached to a ring of five amino acids, and there are 12 known congeners.86,87
Nodularins have been reportedly produced by cyanobacteria genera Nodularia, Nostoc,
and Inigainema.15,88 Nodularin-R is the most commonly detected congener67, and is
hepatotoxic in humans and other mammals.89 There has been one reported case of
nodularin causing illness in humans and several reported cases of animal illness.14
Nodularia, the most predominant producer of nodularins, forms blooms in brackish
water, resulting in significant concern for the land-sea interface.90 Recently, nodularins
were detected in coastal California waters.16 Nodularin uptake into blue mussels has been
investigated, resulting in low levels of accumulation in the mussles.91
1.3.4. Anatoxins. Anatoxins are a class of freshwater toxins produced by various
filamentous cyanobacteria genera including Anabaena, Aphanizomenon, Cuspidothrix sp.
Cylindrospermopsum, Dolichospermum, Microcoleus, Oscillatoria, Phormidium,
Pseudoanabaena, Raphidiopsis, and Tychomena.67,92–94 Anatoxin-a, anatoxin-a(s), and
homoanaotoxin-a are included in the group, with at least four other analogues known.95
Anatoxins are nicotinic acetylcholine receptor agonists, a fatal dose of which can kill
within 2-30 minutes.18,94 There have been five reported incidents of human exposure to
anatoxin-a via recreational use of freshwater, of which four cases were associated with
other toxins.14 Anatoxins have been reported in freshwaters across Europe and North
America18,67 and have been detected in brackish water and coastal creeks and
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lagoons.16,17,96 There is currently no information regarding the uptake of anatoxins by
shellfish.
1.3.5. Cylindrospermopsins. The most famous case of cylindrospermopsin
intoxication is the Palm Island mystery disease in 1979. During this event, over 100
people were hospitalized in Australia, later cylindrospermopsin was implicated.89,97 Five
analogues of cylindrospermopsin are known15 and have reportedly been produced by
multiple freshwater cyanobacteria genera including Anabaena, Aphanizomenon,
Chrysosporum, Clyindrospermopsis, Lyngbya, Raphidiopsis, and Umezakia.15,67,89 The
toxic effects of cylindrospermopsins have been reported to be cytotoxic, dermatoxic,
genotoxic, hepatotoxic, and they are possibly carcinogenic.98 Cylindrospermopsins have
been detected worldwide and across the United States.67,99 Recently, they have been
reported in coastal creeks and lagoons in California.16,17 Few studies have been conducted
regarding the uptake of cylindrospermopsin in shellfish. However, there is some evidence
that mussels can accumulate cylindrospermopsin, and that monitoring should be
increased.85,100
1.3.6. Known Marine Algal Toxins. Cyanobacteria and cyanotoxins are of
emerging concern in estuarine and coastal water systems due to recent toxic events81, but
water at the marine-freshwater continuum may also have of marine algal toxins produced
by dinoflagellates and diatoms including domoic acid, okadaic acids (okadaic acid,
dinophysitoxins), pectenotoxins, and gymnodimine and spirolides.101 These are typically
grouped by common symptoms, which generally occur after oral consumption of
contaminated fish or shellfish. Contrary to the case of cyanotoxins, marine algal toxins
are primary monitored in fish and shellfish rather than in water bodies.102
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1.3.6.1. Domoic acid. Domoic acid is the causative agent in amnesic shellfish
poisoning (ASP) produced by a Pseudo-nitzschia species.103,104 Toxigenic varieties of
Pseudo-nitzschia have been detected in coastal waters worldwide, with significant
impacts on the United States west coast.105 The primary exposure route for domoic acid is
consumption of fish and shellfish products that have accumulated the toxin. Domoic acid
was first identified after an outbreak of illnesses related to consumption of domoic acid
contaminated mussels harvested from Prince Edward Island, Canada. Over 143 people
fell ill after eating the mussels and 3 people died.106 Symptoms associated with domoic
acid consumption include vomiting, abdominal cramps, diarrhea, headache, loss of shortterm memory, seizures, and in severe cases death.107 Domoic acid is regulated by the
FDA to 20 mg/g in shellfish meat tissue and 30 mg/g in the viscera of Dungeness crab
(which may be important for human health depending on the cooking method) to prevent
amnesic shellfish poisoning in humans.102 However, the long-term effects of low-level
consumption are still under investigation. Recently, chronic low-level oral consumption
of domoic acid has been shown to cause cognitive deficits in mice108 and changes to brain
physiology and chemistry in nonhuman primates.109 Since the implementation of shellfish
regulations, human intoxication events have not been reported.104 However, wildlife are
regularly impacted, notably sea lions in California with acute and chronic
symptoms.105,110
1.3.6.2. Okadaic acid, dinophysistoxins, and pectenotoxins. Okadaic acid was
first identified in Japan after a series of food poisoning events associated with mussel and
scallop consumption, resulting in gastrointestinal issues.111 This class of toxin is
identified as diarrheic shellfish poisoning (DSP) toxins due to the symptoms associated
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with consumption. Since this initial incident there have been multiple variants identified
including dinophysistoxins. Okadaic acids and dinophysistoxins are produced by marine
dinoflagellates, including Dinophysis and Prorocentrum genera.112,113 The first United
States shellfish harvest closure due to okadaic acid was detected in oysters from the Gulf
of Mexico coastline in Texas, resulting in the deaths of over 100 bottlenose
dolphins.114,115 Concentrations of okadaic acid in the oysters exceeded the USFDA action
level of 0.16 mg/g total okadaic acid equivalents including okadaic acid,
dinophysistoxins, and their acyl-esters.102 Okadaic acid has since been detected in Florida
and Washington.116,117
1.3.6.3. Pectenotoxins. Pectenotoxins are a group of cyclic polyethers with
symptoms similar to okadaic acid and other DSP toxins.118 They were first discovered in
shellfish during an outbreak of illness along side okadaic acid and dinophysistoxins.111,119
Pectenotoxins are categorized as DSP toxins due to symptoms exhibited after exposure.
There are currently no regulations for pectenotoxins in the Untied States.
1.3.6.4. Gymnodimine and spirolides. Gymnodimine and spirolides are cyclic
imines identified to be produced by Alexandrium and Karenia genera of marine
dinoflagellates.118,120,121 Symptoms associated with intraperitoneal injection of
gymnodimine in mice included nervous systems effects and respiratory distress, and
death.122 Similar effects have been observed when mice were dosed with 13-desmethyl
spirolide c, reacting very quickly.120 Other reports confirm gymnodimine toxicity when
administered by intraperitoneal injection, but suggest low toxicity when administered
orally.123 There have been no reported cases of human intoxication due to gymnodimine
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and spirolides. However, there is evidence of gymnodimine accumulation in shellfish and
clams124,125 and spirolides in shellfish and crabs.126–128
1.3.7. Occurrence of Algal Toxins and Cyanotoxins in Coastal Waters. As the
knowledge of cyanotoxins at the land-sea interface expands, the complexity of toxin
monitoring and health risk assessment increases. Synergistic effects between cyanotoxins
and marine algal toxins are understudied, and the impacts of toxin mixtures on human
and animal health are not understood. The first step toward understanding the cooccurrence of cyanotoxins and algal toxins in estuary and coastal environments is to
conduct screening studies for algal toxins and cyanotoxins, toxicity studies with multiple
toxins present, and to better understand the accumulation of cyanotoxins in common
vectors.

16
PAPER

I. DETECTION OF ZINC OXIDE AND CERIUM DIOXIDE NANOPARTICLES
DURING DRINKING WATER TREATMENT BY RAPID SINGLE
PARTICLE ICP-MS METHODS

Ariel R. Donovan1,2, Craig D. Adams2,3, Yinfa Ma1,2, Chady Stephan4, Todd Eichholz5,
Honglan Shi1,2*
1

Department of Chemistry and Environmental Research Center, Missouri University of
Science and Technology, Rolla, Missouri, 65409, United States
2

Center for Single Nanoparticle, Single Cell, and Single Molecule Monitoring (CS3M),
Rolla, Missouri, 65409, United States
3

Department of Civil and Environmental Engineering, Utah State University, Logan,
Utah, 84321, United States
4

PerkinElmer, Inc., 501 Rowntree Dairy Rd, Woodbridge, On, Canada, L4L 8H1

5

Missouri Department of Natural Resources, Jefferson City, MO 65102, United States

*Corresponding Author
Address: Department of Chemistry
Missouri University of Science and Technology
400 West 11th Street
Rolla, MO 65409
Phone: 573-341-4433;
E-mail: honglan@mst.edu

Fax: 573-341-6033

17
ABSTRACT

Nanoparticles (NPs) entering water systems are an emerging concern as NPs are
more frequently manufactured and used. Single particle ICP-MS (SP-ICP-MS) methods
were validated to detect Zn- and Ce-containing NPs in surface and drinking water using a
short dwell time of 0.1 ms or lower ensuring precision in single particle detection while
eliminating the need for sample preparation. Using this technique, information regarding
NP size, size distribution, particle concentration, and dissolved ion concentrations were
obtained simultaneously. The fates of Zn- and Ce-NPs, including those found in river
water and added engineered NPs, were evaluated by simulating a typical drinking water
treatment process. Lime softening, alum coagulation, powdered activated carbon
sorption, and disinfection by free chlorine were simulated sequentially using river water.
Lime softening removed 38-53% of Zn-containing and ZnO NPs and >99% of Cecontaining and CeO2 NPs. Zn-containing and ZnO NP removal increased to 61-74% and
77-79% after alum coagulation and disinfection, respectively. Source and drinking water
samples were collected from three large drinking water treatment facilities and analyzed
for Zn- and Ce-containing NPs. Each facility had these types of NPs present. In all cases,
particle concentrations were reduced by a minimum of 60% and most were reduced by
>95% from source water to finished drinking water. This study concludes that uncoated
ZnO and CeO2 NPs may be effectively removed by conventional drinking water
treatments including lime softening and alum coagulation.
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1. INTRODUCTION

As nanoparticles (NPs) are increasingly incorporated into commercial products,
the risk of environmental exposure increases [1]. Zinc oxide (ZnO) and cerium dioxide
(CeO2) are among the most commonly used NPs with applications in personal care
products, paints, and catalysts which will lead to their release via wastewater or runoff
into natural water bodies. Studies have suggested that ZnO NPs have a relatively high
acute toxicity and result in oxidative stress and oxidative damage [2,3]. Uptake of CeO2
NPs has been demonstrated by human intestinal epithelial cells [4] by diverse biological
systems, and to be toxic to these different systems [5] including human peripheral blood
monocytes and human lung cancer cells [4-6]. CeO2 NPs have been shown in an in vivo
study to induce oxidative stress in Caenorhabditis elegans at environmentally relevant
concentrations [7]. Another study, however, suggested that ZnO induced toxicity in
mammalian cells while CeO2 suppressed reactive oxygen species (ROS) production and
even protected the cell [8]. Given the uncertainty of human and environmental toxicity of
ZnO and CeO2 NPs, it is imperative to analyze their fate and transport through water
treatment processes. Work has been done to evaluate the fates of ZnO and CeO2 NPs
during wastewater treatment, reporting up to 8% of Zn in influent wastewater leaving in
the effluent [9,10] and 6% of the initial CeO2 NPs leaving in the effluent [11,12]. There
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are many interactions that dictate the behavior of NPs during wastewater treatment
including sorption onto debris and particles, dissolution, settling, and interactions with
microorganisms [13]. Among the most important considerations for NP stability in
aqueous media are aggregation and dissolution.
Major factors affecting NP aggregation and dissolution in aqueous solution
include ionic strength, pH, and organic matter in the system. Low ionic strength and high
organic matter content are associated with increased NP stability in water [14,15].
Natural organic matter (NOM) plays a major role in NP stability. It has been shown that
NOM can both prevent the dissolution of ZnO NPs in aquatic matrices as well as prevent
aggregation [16] and has been demonstrated to keep up to 88% initially added CeO2 NPs
in suspension after 12 days of settling [17]. With typical fresh water NOM concentrations
between 0.1-20 mg/L, it is likely that NPs released into water systems will not aggregate
or dissolved significantly, indicating that humans, mammals, and aquatic life may be
exposed to these NPs [18]. Furthermore, if the exposed water system is used as source
water for drinking water treatment it will be a direct route for human consumption of NPs
if they are not removed during drinking water treatment processes.
While several studies have been conducted evaluating the fate of NPs during
drinking water treatment, there exists a significant research gap regarding specific
processes and NP types. CeO2 and ZnO NP removal by filtration processes alone (sand
filtration, microfiltration, and/or ultrafiltration) have been studied by several research
groups [19-22]. The results of these studies indicated that typical filtration processes
efficiently remove uncoated (non-surface functionalized) NPs. Alum coagulation has
been shown to result in between 40-99% removal of ZnO under typical conditions, with
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the highest removal observed using sweep floc dosages in buffered nanopure water
[22,23]. No published papers have been found on CeO2 NPs removal during coagulative
drinking water treatments, while ZnO NP removal has been evaluated in two studies. In
both of these studies, the NP detection methods have only been indirect. Specifically, NP
content in effluent water was detected by acid digestion followed by inductively coupled
plasma- mass spectrometry (ICP-MS) or graphite furnace atomic absorption (GFAA)
resulting in loss of information regarding NP size and aggregation state after treatment.
On the other hand, single particle ICP-MS (SP-ICP-MS) has more recently proven to be
an emerging and reliable technique for monitoring NPs in aquatic matrices [24-26]
including applications to monitor removal of Ag, Au, and TiO2 NPs during typical
drinking water treatments [27]. The key advantages of SP-ICP-MS include high
sensitivity for environmentally relevant concentrations and simultaneous data acquisition
regarding NP size, size distribution, and dissolved element concentration. SP-ICP-MS
coupled with an ion exchange resin (IEC) has been used to monitor ZnO NPs in water
using a dwell time of 0.5 ms [28]. Using the IEC improved NP signals by removing high
background levels of Zn, which was demonstrated in previous work [29]. However,
reducing the analysis dwell time has also been shown to improve the resolution between
NP signals and dissolved background [30].
In this study, the fates of ZnO and CeO2 NPs during conventional drinking water
treatments were evaluated. SP-ICP-MS methods were developed using short dwell times
of 0.1 ms to monitor the NPs throughout drinking water treatment process to provide
increased resolution between the dissolved background and NP signals without the use of
ion exchange resins or columns for potentially high dissolved background element. NP
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removal was evaluated after lime softening, alum coagulation with simultaneous
powdered activated carbon (PAC) sorption, and disinfection by free chlorine. Filtration
was not simulated because it has been studied in detail and published for the selected NPs
[19,22]. Water samples were collected from three drinking water treatment facilities
(DWTFs) and monitored for Zn- and Ce- containing NPs using the developed SP-ICPMS methods. The removal efficiencies were compared to the simulation results to
evaluate the efficacy of the treatments on bench and full scales.

2. MATERIALS AND METHODS

2.1. MATERIALS AND INSTRUMENTATION
CeO2 NPs (30-50 nm diameter, 40 wt% CeO2 dispersed in water, Stock #
US7120) and ZnO NPs (80-200 nm diameter, nanopowder, Stock # US3555) were
purchased from US Research Nanomaterials, Inc. (Houston, TX). These nanoparticles
were selected for this study because the size distributions were all or partially in the
nanoscale range (≤ 100 nm) and they were larger than the particle size detection limits of
the SP-ICP-MS. A dilute CeO2 solution was prepared by diluting the stock solution 1000
times into ultra-pure water. A dilute stock solution of ZnO NPs was prepared by
dispersing a known amount of nanopowder in ultra-pure water. Particle concentrations
were calculated using the density, mass, and particle size range of NPs suspended and the
volume of ultra-pure water used. The working particle concentrations were determined by
averaging calculated particle concentrations for several sizes over the manufacturer size
range. Size calibration standard Au NPs (citrate-capped, 50, 80, and 100 nm diameter)
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suspended in 2 mM sodium citrate were obtained from nanoComposix, Inc. (San Diego,
CA). All purchased NPs were characterized by both scanning electron microscopy (SEM)
and SP-ICP-MS. An S-4700 model field emission scanning electron microscope
(FESEM) with energy-dispersive X-ray spectroscopy (EDS) capability (Hitachi, Tokyo,
Japan) was used to image and confirm elemental composition of NPs. The NPs purchased
were original materials without surface modification.
Dissolved Ce and Zn standards (PerkinElmer, Waltham, MA) were used for
dissolved element calibrations. Sodium hydroxide (caustic), aluminum sulfate
(Al2(SO4)3·14.3H2O), and trace metal grade nitric acid, were purchased from Thermo
Fisher Scientific Inc. (Pittsburgh, PA). Hydrodarco B (HDB) powdered activated carbon
(PAC) was product of Cabot (Marshall, TX). Sodium hypochlorite solutions and trace
metal grade sulfuric acid were purchased from Sigma-Aldrich (St. Louis, MO). A
Simplicity185 water purification system from Millipore was used to generate ultra-pure
water. Dissolved organic carbon (DOC) was monitored with a TOC-L analyzer with ASIL liquid autosampler from Shimadzu Scientific Instruments (Columbia, MD) and
turbidity was tested using a TB200 Portable Turbidimeter (Orbeco-Hellige, Sarasota,
FL). The pH of the water samples was monitored at each step of the simulation treatment.

2.2. SINGLE PARTICLE ICP-MS METHODS
A PerkinElmer (Shelton, CT) NexION 300D/350 ICP-MS equipped with
Syngistix Nano Application module operating in single particle mode was used. The
instrument parameters were optimized for detection of ZnO and CeO2 NPs as well as
their corresponding ions. The system was equipped with a concentric nebulizer, cyclonic

23
spray chamber, and platinum sampler and skimmer cones. The RF power was set to 1600
W to ensure complete atomization of NPs. Parameters optimized daily included sample
flow rate (between 0.26-0.29 mL/min) and the transport efficiency (between 7.5-8.5%).
Masses of 140Ce and 67Zn were monitored with a dwell time of 100 µs over a 100 s
sampling time. 67Zn was monitored to avoid 50Ti16O interferences that occur with the
higher abundance 66Zn isotope. Water collected from the Missouri River used in this and
our previous study have had high Ti concentrations, rendering the isotope selection
necessary [27]. The instrument was calibrated with a filtered matrix blank and three
dissolved Ce and Zn matrix spikes (0-20 µg/L spikes). In most cases Ce and Zn were
present in the matrix; therefore, a blank subtraction was used. This calibration was used
for both dissolved ions and NP sizing.

2.3. WATER SAMPLE COLLECTION AND WATER QUALITY PARAMETER
MEASUREMENT
Three DWTFs (referred to as Facilities 1, 2, and 3) were selected for this study.
Facility 1 using a blend of ground water and Missouri River water as source water and
the other two DWTFs use Missouri River water as source water. The water samples were
collected in duplicate from each facility. Each DWTF employed lime softening, ferric
coagulation, PAC sorption and chlorine/chloramine disinfection treatments. Detailed
treatment information can be found in the Supplementary material of our recent
publication [27]. Samples were collected in pre-cleaned 125 mL polypropylene bottles
without additives or filtration, and immediately brought back to our laboratory for SPICP-MS analysis within eight hours to minimize NP transformations after collection. The
other key water quality parameters were also measured for the water samples by using the
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same methods as those in our recent publication [27]. Missouri River water was collected
during the cold season for the simulated treatments. The collected water was allowed to
settle for at least 24 hours before use to remove any non-colloidal materials.

2.4. DRINKING WTAER TREATMENT SIMULATIONS
A six-gang stirrer system (Phipps & Bird, Richmond, VA) was used to simulate
several major drinking water treatment steps in sequence. Lime softening, alum
coagulation with PAC sorption, and disinfection were simulated with and without added
CeO2 and ZnO in Missouri River water using six gang stirrers. The river water was
analyzed for Ce- and Zn-containing NPs, dissolved ions, DOC, turbidity and pH before
use in jar tests and after each treatment step during the simulation. NPs (30-50 nm CeO2
and 80-200 nm ZnO) were added to 2-L of Missouri River water at 1×106 particles/mL
(mass concentrations of ~7 µg/L ZnO and ~4 µg/L CeO2) and dispersed by stirring at 100
rpm for 1 min. Lime was dosed with 260 mg/L as Ca(OH)2 to reach pH 11 before rapid
mixing (300 rpm for 30 s), flocculation (10 min each at 58, 42, and 28 rpm), and
sedimentation (0 rpm for 180 min). The clear supernatant was decanted into a clean 2-L
square beaker, leaving only solids behind. Alum coagulation (60 mg/L as
Al2(SO4)3·14.3H2O, Zone 4 coagulation at pH 7-8) with simultaneous PAC sorption by
HDB (20 mg/L) was simulated on the softened water using the same stirring parameters
as softening. After alum addition, the pH was quickly adjusted to pH 8 using trace metal
grade sulfuric acid during flocculation. After settling, 1-L of the clear supernatant was
transferred to a clean 2-L square beaker for disinfection. Sodium hypochlorite solution
was added to obtain a residual concentration of 2 to 4 mg/L as Cl2 (stirred at 28 rpm for
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60 min). The water samples were taken before and after each treatment step, and were
analyzed by SP-ICP-MS immediately after the simulation treatments were completed.

3. RESULTS AND DISCUSSION

3.1. NANOPARTICLE CHARACTERIZATION
ZnO and CeO2 NPs used for the drinking water treatment simulations were
characterized by SP-ICP-MS and SEM imaging before use. Representative SP-ICP-MS
size distribution histograms and SEM images can be seen in Figure 1. In each case, the
NPs were suspended in ultra-pure water and sonicated to reduce aggregation before
analysis for SP-ICP-MS characterization. ZnO NPs were diluted to 70 µg/L total mass
concentration and the CeO2 NPs were diluted to 40 µg/L total mass concentration. The
ZnO NPs used (80-200 nm diameter specification by the manufacturer) had irregular
shapes and sizes (Figure 1b), contributing to the wide size distribution histogram
obtained by SP-ICP-MS (Figure 1a). The detected particle concentration for the ZnO NPs
was 2.16×104 particles/mL and a detected dissolved concentration of 16.4 µg/L. The
CeO2 NPs used (30-50 nm diameter specification by the manufacturer) are more regularly
shaped and relatively spherical (Figure 1d) which is also reflected in the SP-ICP-MS size
distribution histogram (Figure 1c), though more large sizes were observed due to
aggregation. The detected particle concentration for the CeO2 NPs was 4.83×104
particles/mL and the detected dissolved concentration was below the method detection
limit.
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Figure 1. SP-ICP-MS and SEM characterizations of NPs. a) SP-ICP-MS size distribution
histogram of ZnO with 70 µg/L total mass concentration (56 µg/L Zn), b) SEM image of
ZnO NP, c) SP-ICP-MS size distribution histogram of CeO2 with 40 µg/L total mass
concentration (33 µg/L Ce), d) SEM image of CeO2 NP.

3.2. SP-ICP-MS METHOD PERFORMANCE
Methods for ZnO and CeO2 were developed and validated for simultaneous
analysis of dissolved ion and NPs by SP-ICP-MS. The instrument was calibrated using
0.45 µm nylon-membrane-filtered matrix water over 0 to 20 µg/L dissolved Zn and Ce
using a blank subtraction when the ions were present in the matrix water. Transport
efficiency, density, mass fraction, ionization efficiency, and other parameters can be seen
in Table 1. The dissolved calibration curve was used to convert NP signals to diameter
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based on the mass fraction and density of the material using calculations described
elsewhere [24,31].

Table 1. SP-ICP-MS instrument and method parameters for ZnO and CeO2 NP and
dissolved element analysis.
Instrument Parameter
Nebulizer
Spray Chamber
Sampler Cone
Skimmer Cone
RF Power (W)
Nebulizer Gas Flow (L/min)*
Auxiliary Gas Flow (L/min)
Plasma Gas Flow (L/min)
Sample Flow Rate (mL/min)*
RPq
Dwell Time (ms)
Sample Time (s)
Transport Efficiency (%)*
Method Parameters
Isotope (amu)
Density (g/cm3)
Mass Fraction (%)
Ionization Efficiency (%)
*Parameter optimized daily.

Operation Setting
Meinhard
Cyclonic
Platinum
Platinum
1600
1.02-1.06
1.2
18
0.26-0.29
0.5
0.1
100
7.5-8.5
Zn
Ce
67
140
5.61
7.13
80.31
81.41
100
100

The NP detection limits (DLs) were determined to be five times the standard
deviation above the background intensity in ultrapure water when analyzed against the
dissolved calibration curve in the matrix [32]. This was calculated to be 35 to 40 nm for
ZnO and 18 to 20 nm for CeO2, depending on daily instrument optimization. The ZnO
DL is similar to previously reported values, but the CeO2 DL is ~10 nm higher than
previously reported values, most likely due to differences in instrument optimization and
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matrix effects when calibrating in the sample matrix [32]. DLs of dissolved ion were
determined to be 0.20 and 0.10 µg/L for Zn and Ce, respectively. These detection limits
were determined in ultra-pure water and validated in calibrations in the sample matrix.
Dissolved DLs were higher than traditional ICP-MS due to the short dwell times used.

3.3. FATE OF ZnO AND CeO2 NPs DURING SIMULATED DRINKING WATER
TREATMENTS
Three typical drinking water treatment steps (lime softening, alum coagulation
with PAC sorption, and disinfection by free chlorine) were simulated sequentially to
determine the fate of ZnO and CeO2 NPs. DOC, pH, turbidity, and NP concentration and
size distribution were characterized at each treatment step to ensure the treatments were
effective and to monitor NP status. The changes in pH, DOC, and turbidity after each
treatment step are summarized in Table 2.
The river water used had initial DOC, pH, and turbidity of 2.38 mg/L ± 0.25, 8.31
± 0.02, and 4.04 NTU ± 0.29, respectively, after aliquoted into six samples at room
temperature (n=6, relative standard deviation (RSD)). DOC and turbidity were on the low
range for river water because they were collected during the cold season when turbidity
and organic content are low. After lime softening, the pH increased to 11.35 ± 0.04
(RSD) and DOC and turbidity decreased to 16% and 61% of the original value,
respectively. After alum and PAC treatment, the pH decreased to 8.23 ± 0.08 (RSD), and
DOC and turbidity decreased to 51% and 93% of the original value, respectively. The pH
was 8.21 ± 0.09 (RSD) after sodium hypochlorite disinfection, with no significant change
from the pH before disinfection (8.23 ± 0.08 (RSD)). DOC and turbidity were unchanged
after disinfection.

Water
Parameter
pH
DOC (mg/L)
Turbidity (NTU)

Missouri
River Water
8.31±0.02
2.38±0.13
4.04±0.29

After NP
Spike
8.24±0.10
2.41±0.16
4.12±0.33

After Lime
Softening
11.35±0.04
1.99±0.25
1.59±0.34

After Alum +
PAC
8.23±0.08
1.17±0.09
0.29±0.21
After
Disinfection
8.21±0.09
1.21±0.10
0.16±0.06

Table 2. Change in pH, DOC, and turbidity after each treatment step during the simulated drinking water treatment process
(value±standard deviation, n=6).
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At the pH of each step (pH between 8-12), it has been reported that dissolved Zn2+
and Ce3+ exist as ionic oxides, indicating that dissolved constituents would not result in
NP signals during analysis as the pH increased [33]. If, however, these dissolved
constituents would form colloidal hydroxides at high pH, the resulting colloidal materials
would be form during drinking water treatment that would be effected by the treatment
process.
3.3.1. Fate of Zn-Containing NP without ZnO NP Addition. Zn-containing
NPs were present in the river water initially. The real form of the Zn-containing NPs
could not be determined by SP-ICP-MS. It was assumed that the NPs were present as
ZnO NPs, and measured size was calculated by ZnO NPs. The most frequent ZnO NP
sizes were centered on 75 nm with a wide particle size distribution arranged from DL to
several hundred nanometers, as shown in Figure 2a. Dissolved Zn (or ZnO NP at size
smaller than the particle sized detection limit) was also found in the river water at a
concentration 1.11 µg/L. It has been demonstrated that ZnO NPs are toxic [2, 3]. If the
real forms of the Zn-containing NPs are present as ZnO NPs, the health risk deserved to
be evaluated if it not removed during water treatment process Therefore, their fate and
removal were evaluated by simulated drinking water treatment first without the addition
of the ZnO NPs Control tests were performed in parallel with the treatment tests by
adding NPs but not adding treatment materials. The size distribution and concentration of
the spiked ZnO NPs in the control samples did not change in the time period of the
simulated treatment and until analysis. This indicated that the ZnO NPs in the selected
surface water were stable during 12 hours for experiment, presumably stabilized by the
water matrix. When the river water was treated by excess lime softening to pH 11, the
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Zn-containing NPs exhibited a shift in size distribution to the most frequent size of 35 nm
as ZnO and the particle concentration (particles/mL) was reduced by 38% (Figure 2a
“After Lime Softening”). This indicated that the ZnO NPs may have been partially
dissolved during the treatment, that the larger NPs were removed but smaller ZnO NPs
were remained in suspension after softening, or that the formerly soluble zinc in solution
transformed into insoluble colloids as the pH increased. After lime softening, the
dissolved Zn concentration was reduced from 1.11 µg/L ± 0.08 (n=6, RSD) to 0.43 µg/L
± 0.08 (n=3, RSD), so dissolution or aggregation could not be confirmed by dissolved
concentration and NP results. Alum coagulation with PAC sorption was performed on the
softened water and resulted in a particle concentration decrease of 74% relative to the
original concentration while maintaining a similar size distribution, indicating that the
NPs were not physically changed during this step of treatment but were removed during
this step of treatment. The dissolved Zn content was also not significantly changed during
this treatment step (0.48 µg/L ± 0.02, n=3, RSD). Minimal dissolution of ZnO was
observed after disinfection by free chlorine as evidenced by the further reduction in
frequency in the size distribution histogram and particle concentration reduction to 77%
of the original concentration in the water (Figure 2a “After Disinfection”) and the
dissolved Zn concentration (0.52 µg/L ± 0.08, n=3, RSD). Overall, disinfection had little
effect on the Zn-containing NP distribution and dissolved Zn content.
3.3.2. Fate of ZnO NPs with ZnO NP Addition. To evaluate the removal of
engineered ZnO NPs during drinking water treatments, 80 to 200 nm diameter ZnO NPs
were added to the river water and subjected to the same treatments previously mentioned.
The change in size distribution histograms for the ZnO NPs can be seen in Figure 2b.
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Figure 2. Change in size distribution histograms after sequential simulated drinking water
treatments in Missouri River water for a) ZnO without NP addition (n=2), b) ZnO with
80-200 nm ZnO addition (7 µg/L mass concentration) (n=2), c) CeO2 without NP
addition (n=2), and d) CeO2 with 30-50 nm CeO2 addition (4 µg/L mass concentration)
(n=2).

After the NPs were added, the size distribution shifted to the most frequent size of
120 nm and the dissolved Zn concentration increased from 1.11 µg/L ± 0.08 (n=6, RSD)
to 16.45 µg/L ± 0.83 (n=2, relative percent difference (RPD)), indicating either the
smaller (smaller than the size detection limit) ZnO NPs were detected as “dissolved” Zn,
the NPs partially dissolved after addition to the water, or insoluble colloids formed from
the dissolved zinc ions in solution. This result is similar to dissolved concentration when
added to ultra-pure water (16.38 µg/L). The water was then treated by lime softening to
pH 11, which resulted in a reduction in size distribution to around 50 nm, total particle
concentration reduction by 53% and dissolved Zn to 0.36 µg/L ± 0.95 (n=2, RPD).

33
Again, the NPs may have dissolved during lime softening, but was not confirmed due to
the reduction in dissolved Zn. The softened water was then treated with alum and PAC,
and resulted in a further reduction in NP concentration by 79% of the original value
(Figure 2b “After Alum + PAC”) and in dissolved Zn concentration of 0.46 µg/L ± 6.38
(n=2, RPD). No further changes were observed after disinfection. Overall, the behavior of
the added engineered ZnO NPs was similar to the Zn-containing NPs in the river water.
3.3.3. Fate of Ce-Containing NP without NP Addition. Ce-containing NPs
were also present in the river water collected for the removal experiments and were
studied without the addition of engineered CeO2 NPs. The actual form of the CeO2containing NPs could also not be determined by SP-ICP-MS. It was assumed that the NPs
were present as CeO2 NPs, and measured size was calculated as CeO2 NPs. The water
contained a size distribution histogram with a maximum at 24 nm assuming as CeO2 with
a particle size distribution arranged from DL to ~60 nm, as shown in Figure. 2c. The
dissolved concentration of Ce was close or bellow detection limit (0.10 µg/L). The fate
and removal of CeO2 NPs during the water treatment are also important due to the
toxicity of this type of NPs. For the duration of the simulation treatment experiments, the
dissolved Ce levels were below the DL. After lime softening to pH 11, over 99% of the
particles were removed from the water. Because the Ce-containing particle content was
below the DL after lime softening, no changes were observed after alum coagulation and
PAC sorption.
3.3.4. Fate of CeO2 NP with CeO2 NP Addition. To determine the behavior of
engineered CeO2 NPs under the same treatment conditions, 30 to 50 nm diameter CeO2
NPs were added to the river water and subjected to the same treatments. After NP
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addition, the size distribution histogram showed most frequent size at 38 nm and size
distribution from detection limit to about 60 nm (Figure 2d). The dissolved Ce content
was still below the DL after the NPs were added, which indicated that the NPs were not
dissolving. Like the Ce-containing NPs, the CeO2 NPs were completely (>99%) removed
after lime softening. No changes were observed in the subsequent treatments. The CeO2
results were similar to those from our previous study of TiO2, Ag, and Au NPs removal
during the simulated drinking water treatment process [27]. CeO2, Ag, Au, and TiO2 NPs
had removal after lime softening higher than 90% without showing significant
dissolution. ZnO NPs were significantly reduced after lime softening treatment (38-53%)
but not completely removed. After alum coagulation and PAC sorption ZnO removal
increased to 61-79% removal. Zeta potentials for similar uncoated NPs were negative in
previous reports [34,35], indicating stabilization due to a negative surface charge at high
pH for both NPs. Under these conditions, the cations added during lime softening may
neutralize the surface charge on the NPs, causing them to settle during sedimentation.
These two studies suggest that lime softening is effective in removing the selected NPs
from surface water. Other studies have shown that alum coagulation can remove up to
99% of ZnO NPs [22] and up to 70% of TiO2 and/or Ag NPs depending on treatment
conditions without preceding lime softening treatment [22,23,36]. Thus, with a
combination of lime softening and coagulation, it is likely that most uncoated CeO2 NPs
at low concentrations in source water of drinking water would be removed based on the
results of this work.
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3.4. ZnO AND CeO2 NP OCCURRENCE IN WATER FROM THREE DRINKING
WATER TREAMENT FACILITIES
Samples were taken from three large DWTFs from source water and drinking
water to evaluate the occurrence of Zn- and Ce-containing NPs and their fate after fullscale drinking water treatments. DOC, pH, and turbidity measured for each water sample
are presented in Table 3. The NP and dissolved ion detection results are presented in
Table 4. All field blanks were below the DLs for each analyte and all dissolved element
spike recoveries were between 76-123% and the reproducibility of duplicated samples
was good, indicating good method performance in the collected samples. Zn-containing
NPs and dissolved Zn ions were present in the source water from each facility with
concentrations around 1.5×105 particles/mL for NPs and 5.49, 5.36, and 32.2 µg/L Zn
ions at Facilities 1,2 and 3, respectively. Ce-containing NPs were present in source water
from each facility around 5.5×105 particles/mL and Ce ions were present between 0.16
and 0.75 µg/L at the three facilities. Facility 1 source water had 87 nm Zn-containing NPs
(as ZnO) at ~105 particles/mL. After treatment, the size increased to 114 nm as ZnO, but
the particle concentration decreased to ~104 particles/mL. It is likely that some of the
particles were removed and that the remaining particles aggregated resulting in the size
increase. Ce-containing NPs were in Facility 1 source water at ~5×105 particles/mL and
30 nm as CeO2. After treatment these particles were removed to below the DL. Facility 2
had Zn- and Ce-containing NPs in source water. Zn-containing NPs were reduced from
81 nm at ~105 particles/mL to 60 nm at ~5×105 particles/mL during treatment. Cecontaining NPs were reduced from 44 nm at ~5×105 particles/mL to 17 nm at ~5×104
particles/mL. For this facility, it is likely that the NPs were partially dissolved during
treatment. Facility 3 had Zn-containing NPs at 114 nm and ~105 particles/mL as ZnO and
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Ce-containing NPs at 41 nm and ~5×105 particles/mL as CeO2. After treatment, Zncontaining NPs were reduced to 54 nm and ~104 particles/mL and Ce-containing NPs
were reduced to below the DL. The results showed that the treatment combination in each
facility was effective in removing Zn- and Ce-containing NPs from surface water using a
combination of softening and ferric coagulation. While further study is needed under
other conditions, these results suggest the protective nature of combined softening and
ferric coagulation for general control of uncoated CeO2 and ZnO NPs in drinking water
treatment systems.

Table 3. General water quality parameters for Facilities 1-3.
Facility and Sample
Facility 1:
Field Blank
Source Water
Source Water Duplicate
Drinking Water
Drinking Water Duplicate
Facility 2:
Field Blank
Source Water
Source Water Duplicate
Drinking Water
Drinking Water Duplicate
Facility 3:
Field Blank
Source Water
Source Water Duplicate
Drinking Water
Drinking Water Duplicate

DOC
(mg/L)

pH

Turbidity
(NTU)

<MDL
3.93
4.23
2.14
2.15

--8.57
8.50
9.83
9.89

0.02
22.90
22.75
0.35
0.28

<MDL
4.34
4.42
3.17
3.28

--8.39
8.37
9.20
9.32

0.04
43.36
47.59
0.02
0.02

<MDL
4.03
4.56
3.17
3.44

--8.51
8.43
9.34
9.32

0.03
43.89
40.53
0.00
0.01
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Table 4. Zn- and Ce-containing NP occurrence and dissolved Ce and Zn through drinking
water treatments at three drinking water treatment facilities.
Most
Freq.
Size (nm)

Zn
Part.
Conc.
(pts/mL)

Diss.
Conc.
(μg/L)

Most
Freq. Size
(nm)

Ce
Part.
Conc.
(pts/mL)

Diss.
Conc.
(μg/L)

Field Blank

<MDL

<MDL

<MDL

<MDL

<MDL

<MDL

Source Water

87

1.25E+05

5.48

32

4.96E+05

0.18

Source Water Duplicate

87

1.11E+05

5.49

29

5.38E+05

0.16

Drinking Water

114

1.37E+04

<MDL

<MDL

<MDL

<MDL

Drinking Water Duplicate

114

1.76E+04

<MDL

<MDL

<MDL

<MDL

Field Blank

<MDL

<MDL

<MDL

<MDL

<MDL

<MDL

Source Water

81

1.44E+05

5.37

44

5.87E+05

0.70

Source Water Duplicate

81

1.39E+05

5.34

42

5.72E+05

0.74

Drinking Water

60

5.74E+04

1.15

17

4.95E+04

<MDL

Drinking Water Duplicate

63

8.65E+04

1.51

17

5.09E+04

<MDL

Field Blank

<MDL

<MDL

<MDL

<MDL

<MDL

<MDL

Source Water

114

1.34E+05

32.19

41

5.47E+05

0.67

Source Water Duplicate

114

1.23E+05

31.26

43

4.99E+05

0.72

Drinking Water

54

9.81E+03

0.90

<MDL

<MDL

<MDL

Drinking Water Duplicate

54

9.50E+03

0.90

<MDL

<MDL

<MDL

Facility and Sample

Facility 1:

Facility 2:

Facility 3:
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ABSTRACT

In this study, aluminum sulfate, ferric sulfate, ferric chloride, and
poly(diallyldimethylammonium chloride) (pDADMAC) coagulation removal of citratestabilized silver and gold nanoparticles (NPs) and uncoated titanium dioxide, cerium
dioxide, and zinc oxide NPs was investigated using a single particle (SP) ICP-MS direct
monitoring technique. Zone 2 (charge neutralization) coagulation was performed in river
water and more commonly used Zone 4 (sweep floc) coagulation was performed in both
river and lake water with environmentally relevant concentrations of selected NPs added.
SP-ICP-MS was used to detect NP and dissolved species, characterize the size
distribution, and quantify particle concentration as well as dissolved species before and
after treatments. Other parameters including pH, dissolved organic carbon, turbidity, and
UV254 absorbance were monitored to characterize treatment efficiency. Charge
neutralization (Zone 2) coagulation resulted in 48-85% removal of citrate-stabilized NPs
and 90-99% removal of uncoated NPs from river water. Sweep floc (Zone 4) coagulation
in river water resulted in 36-94% removal of citrate-stabilized NPs and 91-99% removal
of uncoated NPs both with and without polymer addition. Zone 4 coagulation conditions
in lake water resulted in 77-98% removal of citrate-stabilized NPs and 59-96% removal
of uncoated NPs without polymer. These results indicate that NP removal depends on NP
surface and stability, the nature of the source water, and the coagulant type and approach.
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Water treatment by coagulation; single particle-ICP-MS; nanoparticle fate during water
treatment; zinc oxide; cerium dioxide; silver nanoparticle.

1. INTRODUCTION

The manufacturing and applications of metal and metal-oxide nanoparticles (NPs)
is increasing each year, resulting in higher concentrations of NPs entering the
environment. Sources of NP environmental release includes leaching from outdoor
facades (Kaegi et al., 2010) and wastewater discharges (Benn and Westerhoff, 2008; Brar
et al., 2010; Heithmar and Pergantis, 2010; Kaegi et al., 2011; Kiser et al., 2009; Lee et
al., 2008; Limbach et al., 2008; Westerhoff et al., 2011; Windler et al., 2012) among
other sources (Mueller and Nowack, 2008; Sharifi et al., 2012; Yu et al., 2013) with
predicted environmental concentrations on the ng/L to µg/L level (Mueller and Nowack,
2008). While some NPs may be removed from water bodies through sedimentation,
sorption, uptake, or dissolution, stabilized NPs may remain in suspension and result in
potential health risks for human, animal, plant, and aquatic life (Nowack et al., 2012; Yu
et al., 2013). It is imperative from a public health perspective to understand the behavior
and removal of NPs during typical drinking water treatments to assess the potential for
human exposure through potable water. Unfortunately, the fate of NPs through
conventional drinking water treatment processes is not well understood, as limited studies
have been conducted on the subject. This work has been hindered by the lack of sensitive
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analytical methods to detect NPs directly in environmental matrices and has resulted in
insufficient knowledge on NP occurrence in source and drinking waters.
Coagulation, flocculation and sedimentation is a predominant method used to
remove colloidal material during drinking water treatment (Kim et al., 2001). Varying
dosages of alum in tap water and buffered nanopure water have been shown to remove
between 20-60% of TiO2, ZnO, Fe2O3, NiO, and silica NPs (Zhang et al., 2008). In
another study, alum coagulation resulted in Ag, TiO2, and ZnO removal from 2-20%, 38%, and 48-99%, respectively, in a variety of surface, ground, and synthetic waters
(Chalew et al., 2013). TiO2 removal was evaluated by polyferric sulfate (PFS), ferric
chloride (FeCl3), polyaluminum chloride (PACl), and alum (Al2(SO4)3), resulting in
higher removal efficiency by ferric based coagulants (Wang et al., 2013). PFS and FeCl3
were evaluated for TiO2 removal under a variety of conditions, resulting in up to 90%
removal under optimized conditions (Wang et al., 2014). However, each of these methods
used indirect techniques for monitoring NP behavior such as digestion and inductively
coupled plasma-mass spectrometry (ICP-MS) analysis, graphic furnace atomic absorption
(GFAA), or turbidity measurements. These methods provide information regarding the
mass content remaining after treatment, but the size, aggregation, and particle
concentrations of the NPs could not be and were not determined.
Single particle (SP)-ICP-MS is an emerging and powerful technique for NP
analysis due to its ability to characterize NPs directly in aqueous and environmental
samples including simultaneous determination of particle size, size distribution, particle
concentration, and dissolved ion concentration (Cascio et al., 2015; Dan et al., 2015;
Laborda et al., 2014; Loeschner et al., 2013; Peters et al., 2015). The theory of SP-ICP-
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MS has been described in detail elsewhere and, as such, will not be discussed here
(Degueldre and Favarger, 2003; Degueldre and Favarger, 2004; Degueldre et al., 2004;
Degueldre et al., 2006a; Degueldre et al., 2006b; Laborda et al., 2013; Montaño et al.,
2014). In two recent studies, Au, Ag, TiO2, CeO2 and ZnO NPs were characterized
during a simulated drinking water treatment and in source and drinking water from three
drinking water treatment facilities using SP-ICP-MS technology (Donovan et al., 2015a;
Donovan et al., 2016). Full treatment processes including lime softening (for Ca and Mg
removal), alum coagulation (Zone 4) with powdered activated carbon sorption, and free
chlorine disinfection were simulated. However, there is a need to evaluate the efficacy of
both alum and ferric primary coagulants and polymer coagulation aids to understand how
NPs behave under most coagulation conditions.
In this study, alum, ferric, and polymer-based coagulation processes were
simulated in river and lake water spiked with Ag, Au, TiO2, ZnO, and CeO2 NPs to test
the hypothesis that engineered NPs can be effectively removed by traditional treatments.
By using our recently developed SP-ICP-MS methodologies, the fate and transportation
of the selected NPs under both charge neutralization (Zone 2) and sweep floc (Zone 4)
coagulation processes were examined in river water and lake water (Zone 4 only) using
the three coagulants: alum (Al2(SO4)3), ferric sulfate (Fe2(SO4)3), and ferric chloride
(FeCl3). NP removal was also evaluated with and without simultaneous polymer addition
under each condition using typical polymer dosages.
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2. MATERIALS AND METHODS

2.1. MATERIALS
Citrate-stabilized Ag (diameters of 40, 70, and 100 nm) and Au NPs (diameters of
50, 80, and 100 nm) suspensions in 2 mM sodium citrate were obtained from
nanoComposix, Inc. (San Diego, CA, USA). Uncoated TiO2 (100 nm), CeO2 (30-50 nm),
and ZnO NPs (80-200 nm) were purchased from US Research Nanomaterials, Inc.
(Houston, TX, USA). All NPs were characterized by transmission electron microscopy
(TEM) and SP-ICP-MS (suspended in ultra-pure water) in our laboratory to confirm the
manufacturer-reported size distribution. Dissolved Au, Ti, Ce, and Zn standards
(PerkinElmer, Shelton, CT, USA) and dissolved Au standard (High-Purity Standards,
Charleston, SC, USA) were used for dissolved element calibrations and NP size
calibrations for Ti, Ce, and Zn NPs. Nitric acid (HNO3, trace metal grade), aluminum
sulfate (Al2(SO4)3∙18H2O, alum), ferric chloride (FeCl3∙6H2O), and ferric sulfate
(Fe2(SO4)3∙4H2O) were purchased from Thermo Fisher Scientific, Inc. (Pittsburgh, PA,
USA). Clarifloc C-338 (poly (diallyldimethylammonium chloride) or pDADMAC)
polymer was acquired from Polydyne (Riceboro, GA, USA). A Simplicity185 water
purification system from Millipore (Billerica, MA, USA) was used to generate ultra-pure
water (18.2 MΩ∙cm).

2.2. NATURAL WATERS
Missouri River water (at Jefferson City, MO, USA) and Schuman Lake water (at
Rolla, MO, USA) were collected in 20 L polypropylene bottles pre-cleaned with 3%
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HNO3 and ultra-pure water. The jugs were rinsed with river or lake water three times
before sample collection. Samples were stored refrigerated and unfiltered in collection
bottles until use (typically one to two days). The river water samples settled at least 24
hours prior to use.

2.3. INSTRUMENTATION
A NexION 300/350D ICP-MS and Syngistix Nano Application software were
used for SP-ICP-MS analysis (PerkinElmer, Shelton, CT, USA). Dissolved organic
carbon (DOC) was measured using a TOC-L analyzer with ASI-L liquid autosampler
from Shimadzu Scientific Instruments (Columbia, MD, USA). A Hach 2100P portable
turbidimeter (Loveland, CO, USA) was used to monitor turbidity in samples. UV254
absorbance was analyzed by a Cary 50 Conc Scanning UV/Vis Spectrophotometer from
Agilent (Santa Clara, CA, USA). A FEI (Hillsboro, OR, USA) Tecnai F20 scanning
transmission electron microscope (STEM) with energy-dispersive X-ray spectroscopy
(EDS) capability was used to image and confirm elemental composition of NPs. The zeta
potentials of all NPs used were measured using a Zetasizer Nano --ZS90 (Malvern
Instruments, Inc., Southborough, MA, USA). For zeta potential detection, NPs were
suspended in 0.01 M and 0.10 M NaNO3 and allowed to equilibrate for 24 hours before
analysis. Ag and Au NPs were analyzed at 1 mg/L, TiO2 and CeO2 NPs were analyzed at
10 mg/L, and ZnO NPs were analyzed at 50 mg/L.
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2.4. SP-ICP-MS ANALYSIS
The ICP-MS instrument and method were same as previously reported (Donovan
et al., 2015b; Donovan et al., 2016). In SP-ICP-MS procedures, samples are not acidified,
rather they are analyzed directly using a short dwell time (100 µs in this study). When a
single NP enters the plasma, a packet of ions is generated. The ion packet reaches the
mass detector and creates a pulse signal that is correlated to the total mass per particle,
and subsequently correlated to the particle size. For this study, a low abundance isotope,
47

Ti (7% abundance), was selected as the isotope for Ti detection to avoid interference

from 48Ca for 48Ti (74% abundance). Au and Ag NP size calibrations were generated by
analyzing three particle sizes for each element. Due to aggregation and wide size
distributions in standard suspensions of TiO2, CeO2, and ZnO NPs, it was not suitable to
use these NP standards directly to calibrate for size calibration of these NPs. Therefore,
dissolved element calibrations were converted to particle size by the Syngistix software
for TiO2, CeO2, and ZnO (Laborda et al., 2013). Dissolved calibration standards were
prepared in 0.45-µm nylon membrane filtered matrix water with background subtractions
for elements present in the matrix water. Transport efficiency and sample flow rate were
determined daily before each experiment. Sample flow rate was measured gravimetrically
by quantifying the mass of sample uptake after three minutes (Liu et al., 2017). Transport
efficiency was determined using the particle frequency method (Pace et al., 2011;
Montaño et al., 2016). Dissolved ions of the metal elements were also measured
simultaneously by the SP-ICP-MS methods. The calibrations were performed by adding
different concentrations of the corresponding metal ion standards into matrix water. It is
important to note that in SP-ICP-MS method, the particles smaller than the particle size
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detection limits in water samplers was counted as dissolved elements because they do not
meet the ratio cut-off to be counted as particles, thus, the signal is attributed to the
dissolved fraction. Any dissolved detection using this technique will included particles
that are smaller than the particle size detection limit as well as dissolved species.

2.5. JAR TEST PROCEDURE
Jar tests were conducted using six-gang stirrers with 2-L water samples in acid
prewashed square beakers (Phipps and Bird, Richmond, VA, USA). 70 nm Au (5 µg/L as
Au), 80 nm Ag (2 µg/L as Ag), 100 nm TiO2 (6 µg/L as Ti), 30-50 nm CeO2 (5 µg/L as
Ce), and 80-200 nm ZnO (6 µg/L as Zn) NPs each with particle concentraitons~106
particles/mL (on the upper limit of expected environmental particle concentrations
(Boxall et al., 2007), possibly at the source of release) were added to designated beakers
and stirred at 100 rpm for 1 minute. After mixing, samples were taken from each beaker
for NP, DOC, UV254, turbidity, and pH analysis. Pre-determined amounts of alum, ferric
chloride, or ferric sulfate were added to designated beakers, stirred at 300 rpm for 30
seconds (rapid mix) followed by 58, 42, and 28 rpm for 10 minutes each (flocculation)
and finally allowed to settle at 0 rpm for 3 hours (sedimentation). After settling,
supernatant samples were taken for NP, DOC, UV254, turbidity, and pH analysis.
Duplicate beakers were included in all experiments to determine the reproducibility of the
procedure. Jar tests have proven to be a valuable tool in determining coagulant and other
chemical dosages in drinking water and are a staple in most drinking water treatment
facilities that use coagulants. Standard methods, chemical dosages, stirring calculations,
and detention times for each step are well-defined and were selected on the basis of
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simulating typical drinking water treatment conditions (Crittenden et al., 2012). NP
removal efficiency was calculated for each analysis using total particle concentration (by
number) compared with those of no coagulant addition.

3. RESULTS AND DISCUSSION

3.1. SP-ICP-MS ANALYSIS
Sample flow rate and transport efficiency were determined daily and the values
were approximately 0.30 mL/min and 8-10%, respectively. Methods were validated for
NPs and dissolved species by calibrating and spiking in river water for Ag, Au, Ti, Ce,
and Zn as NPs and dissolved elements. All spike recoveries were between 70-130% for
dissolved elements and Ag and Au NP spikes. Au and Ag NPs were assumed to be 100%
of the respective element. Ti-, Ce-, and Zn-containing NPs were analyzed as if their
formulae were TiO2, CeO2, and ZnO, respectively, because of their numerous
applications and natural occurrence (Anselmann, 2001; Klaine et al., 2008). Dissolved
element detection limits (DLs) were determined by analyzing progressively lower
concentrations of spikes with the lowest spike that maintained regression linearity (R2 >
0.99) as the DL. NP size DLs were determined to be 5 times the standard deviation (5σ)
of a sample of ultra-pure water analyzed for each element as the same way previously
used (Donovan et al, 2016a, 2016b). A more stringent criterion was selected for detection
limit detection to ensure all signals in blank water samples were excluded. Dissolved
element DLs were 0.10 µg/L for Ag, Au, and Ce, 0.20 µg/L for Zn, and 0.55 µg/L for Ti.
NP size DLs were 25 nm, 30 nm, 70 nm, 23 nm, and 44 nm for Ag, Au, TiO2, CeO2, and
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ZnO, respectively. Detection limits were higher for dissolved Ti and TiO2 compared to
the other elements and NPs because of the low abundance isotope used for analysis. It is
important to note that particles smaller than the particle size detection limits were
counted as dissolved element because they do not meet the ratio cut-off to be counted as
particles. Thus, the signal is attributed to the dissolved species fraction. Any dissolved
detection using this technique includes particles that are smaller than the particle size
detection limit as well as dissolved species.

3.2. NANOPARTICLE CHARACTERIZATION
All NPs used for jar test experiments were analyzed by the SP-ICP-MS methods
and TEM. NPs were suspended in ultra-pure water and directly analyzed by SP-ICP-MS.
NP stock solutions were diluted to 10 mg/L (20 mg/L for ZnO NPs) and sonicated for 10
minutes before plating on copper grids for TEM imaging. The zeta potentials of the
selected NPs were measured over pH 3-11 to determine the zero point of charge (ZPC).
SP-ICP-MS size distribution histograms, TEM images, ZPC, and statistical variation
among replicate samples analyzed by SP-ICP-MS during the jar tests are shown in Table
1. Ag and Au NPs were very well defined, spherical particles that exhibited minimal
aggregation in both SP-ICP-MS analysis and TEM images. The metal oxides experienced
aggregation that was obvious in both SP-ICP-MS (right tailing size distribution
histograms) and in the TEM images.

ZPC (pH)

(50 nm scale)

TEM Image

SP-ICP-MS
Mean NP Size
Variation (%,
n=3)

SP-ICP-MS Size
Distribution
Histogram

NP Parameter

2.3

5.7

Citrate Coated

70 nm Ag

3.1

7.2

Citrate Coated

80 nm Au

3.8

3.8

Uncoated

100 nm TiO2

3.0

7.1

Uncoated

30-50 nm CeO2

9.2

8.7

Uncoated

80-200 nm ZnO

Table 1. SP-ICP-MS size distribution histograms, TEM images, ZPC (point of zero charge), and SP-ICP-MS statistical variation
for the five selected NPs.
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3.3. NANOPARTICLE
FATE
AND
REMOVAL
NEUTRALIZATION (ZONE 2) COAGULATION

BY

CHARGE

Zone 2 coagulation requires that a stoichiometric number of cations (typically
Al3+ or Fe3+) are added to neutralize negative surface charges on colloidal and suspended
particles. Once the surface charges are neutralized, the particles will aggregate and settle
out of the water. The major benefits of Zone 2 coagulation are reduced sludge residuals
after treatment and lower required dosages of coagulant. For this type of process, removal
is related to solubility of coagulant, charge density on original particles, and surface area
of original particles (Dentel, 1988). Even though there are savings when using this
technique, few drinking water treatment facilities use Zone 2 coagulation due to variation
in source water quality, particularly for facilities using surface water prone to turbidity
fluctuations (requiring frequent jar tests to determine proper coagulant dosing). As charge
neutralization coagulation is a treatment option sometimes used, and a fundamental
coagulation mechanism, it is imperative to understand how NPs behave under this type of
treatment. Specifically, if NPs are imparted with a negative surface charge (i.e., citratestabilized) or if they naturally have a negative surface charge in water, Zone 2
coagulation may result in higher removal efficiencies than other types of coagulation.
For the Zone 2 coagulation jar tests, the correct coagulant dosage was found by
adding a series of dosages of alum (0, 1, 2, 4, 6, 9, and 15 mg/L) to seven 2-L square
beakers filled with Missouri River water spiked with five types of NPs. It was important
to find the correct dosage in water with NPs added because their surface charges add to
the stoichiometric ratio of negative charges in the water, particularly the citrate-stabilized
Ag and Au NPs. The optimal Zone 2 dosage was determined by evaluating turbidity
among all dosages after 3 hours of sedimentation. Initial water parameters were pH of
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7.89, turbidity of 30.6 NTU, UV254 absorbance of 0.110, and DOC of 4.57 mg/L. Based
on the initial water pH, Zone 4 coagulation (sweep floc and adsorption) was expected to
occur above 8 mg/L as Al2(SO4)3∙18H2O. All four Zones of coagulation were observed:
Zone 1 (too little coagulant added) at dosages less than 4 mg/L as Al2(SO4)3∙18H2O;
Zone 2 (charge neutralization) at 4 mg/L as Al2(SO4)3∙18H2O; Zone 3 (NPs stabilized by
coagulant) at 6 mg/L as Al2(SO4)3∙18H2O; and Zone 4 (sweep floc) above 9 mg/L as
Al2(SO4)3∙18H2O. The Zone 2 dosage was converted from Al2(SO4)3∙18H2O to
FeCl3∙6H2O and Fe2(SO4)3∙4H2O based on cation stoichiometry (first converted from
Al2(SO4)3∙18H2O to Al3+, to Fe3+, then to each ferric coagulant) and eight more 2-L
beakers with Missouri River water spiked with NPs were dosed with and without added
polymer and a beaker was treated with polymer alone. This process was duplicated in
lake water, but Zone 2 was not observed.
NP concentrations and sizes were monitored before and after each treatment. Size
distribution histograms are shown in Figure 1. Ag and Au NPs were not present in the
river water and their size distribution histograms were similar before treatment and after
the treatment process when no coagulants were added. Ti, Ce, and Zn containing NPs
(treated as TiO2, CeO2 and ZnO NPs in this study) were detected in the river water, and
their size distribution histograms were shifted from the standard size, similar with those
in the previous study (Donovan et al, 2016a, 2016b). Size distribution histograms for NPs
present in the collected river water are shown in SI 1 of the Supplementary Information.
There was little change for TiO2, and CeO2 NPs size distribution histograms between
before and after the treatment process when no coagulants were added. Slight decrease of
ZnO NPs was observed after the treatment when no coagulant was added, may be due to
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the well-known solubility of ZnO in water (David et al., 2012). However, this decrease
was less than 5% of the original total particle concentration, as shown in Figure 2. Two
removal trends were observed: citrate-stabilized Ag and Au NP removal increased with
polymer addition (Figure 2a) and TiO2, CeO2, and ZnO NP removal was relatively
constant over the various Zone 2 coagulation treatments (Figure 2b). Each NP removal
trend was compared to turbidity removal after each treatment. For citrate-stabilized Ag
and Au NPs, removal was between 48-58% when using Zone 2 alum and ferric chloride.
Removal increased to 75-79% when 2 mg/L pDADMAC polymer was added
simultaneously with coagulant, visible in the size distribution changes in Figure 1.
However, ferric chloride was slightly less efficient than alum. Ferric sulfate resulted in
higher removal for these two NPs with and without polymer added (71-76% removal
without polymer and 81-84% removal with polymer). When only polymer was added (2
mg/L) 74-77% of Ag and Au NPs were removed. Turbidity removal followed Ag and Au
NP removal trends. For uncoated TiO2, CeO2, and ZnO NPs, 89-99% removal was
observed using each type of coagulant with and without polymer and by polymer alone.
Removal of these NPs was typically higher than overall turbidity removal. The control
sample had NPs spiked and was stirred by the same program as the rest of the samples,
but did not have coagulant added. Minimal settling occurred in the control sample and
pH, UV254 absorbance, and DOC were unchanged. It is likely that significant settling did
not occur as that in ultra-pure water due to the DOC present in the surface water. It has
been shown that DOC can significantly stabilize oxide NPs in suspension (Keller et al.,
2010; Quik et al., 2010; Van Hoecke et al., 2011).
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Figure 1. Size distribution histograms for all studied NPs after Zone 2 (charge
neutralization) treatment in river water.
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Figure 2. a) Ag NP, Au NP, and turbidity removal and b) TiO2, CeO2, ZnO NP and
turbidity removal after various Zone 2 coagulation and polymer treatments in river water.

As previously mentioned, dissolved ion concentrations were also monitored
before and after treatment by the SP-ICP-MS methods. Dissolved Ag, Au, and Ce were
below the DLs before and after NP addition and after treatment. Initial dissolved Ti and
Zn were present in the river water at 25.9 and 2.51 µg/L, respectively. After NP addition,
the dissolved Ti concentration remained the same, but the dissolved Zn concentration
increased to 10.5 µg/L most likely due to NP dissolution and particles present in the
standard that were below the NP size detection limit. Decreasing was observed in the size
distribution histogram for ZnO NPs in the no treatment control sample (Figure 1).
Removal of dissolved Ti and Zn after Zone 2 coagulation treatments is depicted in Figure
3. Dissolved Ti removal was between 53-92% for all of the samples. Higher removal was
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observed when a coagulant was added with polymer. Dissolved Zn removal ranged from
-20-40% after treatment. Addition of alum or polymer alone treatment ended with higher
dissolved Zn concentrations than before treatment. This most likely meant that the
particles dissolved during the treatment into Zn ions or ZnO NPs smaller than the size
DL.

Figure 3. Dissolved Ti and Zn removal during Zone 2 coagulation experiments in river
water.

Because dissolved ion concentrations were less than or approximately equal to the
dissolved concentrations before treatment, it was probable that the NPs were not
undergoing any physical changes during Zone 2 coagulation with and without polymer
and by polymer alone. This is an important discovery because certain ions such as
dissolved Ag have been shown to be more toxic than Ag NPs (Beer et al., 2012; Kittler et
al., 2010; Yang et al., 2012). These results indicated that engineered NPs were removed
by Zone 2 coagulation using a variety of coagulants without significant dissolution,
except for ZnO NPs, and generally resulted in lower concentrations of dissolved ions and
NPs. Uncoated NPs (TiO2, CeO2, and ZnO) were removed with higher efficiencies This
may be explained due to the difference in surface charges of the NPs. Ag and Au had
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many more negative surface charges due to the citrate coating while the TiO2, CeO2, and
ZnO had no surface coating and, presumably, fewer surface charges, as reflected by ZPC
measurements, making charge neutralization an easier process for the uncoated NPs.

3.4. NANOPARTICLE FATE AND REMOVAL BY SWEEP FLOC (ZONE 4)
COAGULATION
Zone 4 coagulation, or sweep floc, is the process of generating insoluble precipitate by
exceeding the solubility product of a coagulant (i.e., Al or Fe). The precipitate that results
is a larger floc that can “sweep up” other particulate matter in the water as it settles.
Because the key water parameters that dictate coagulant solubility are pH and
temperature, Zone 4 is easily implemented and robust, and thus used by many drinking
water treatment facilities (Crittenden et al., 2012). Coagulant dosages for jar test
experiments were determined based on typical operating ranges for alum and ferric
coagulants as previously recorded (Amirtharajah and Mills, 1982). Because the river
water was collected on a different date than the water used in the Zone 2 experiments,
water parameters were different. For river water, initial pH was 7.30, turbidity was 113
NTU, UV254 absorbance was 0.120, and DOC was 6.47 mg/L. For lake water, initial pH
was 7.62, turbidity was 27.3 NTU, UV254 absorbance was 0.071, and DOC was 3.53
mg/L. Size distribution histograms for Zone 4 removal of the NPs in river water are
shown in Figure 4, and in lake water in Figure 5. Size distribution histograms of the
natural occurrence metal containing particles in the river and lake waters without NP
addition are shown in the Supplementary Information. In river water, Ag NPs were
removed similarly among each treatment without polymer and the most frequent size of
the particles remained the same before and after each treatment.

61

Figure 4. Size distribution histograms for all studied NPs after Zone 4 (sweep floc)
treatment in river water.
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Figure 5. Size distribution histograms for all studied NPs after Zone 4 (sweep floc)
treatment in lake water.
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Polymer addition increased removal only when added with alum for both Ag and
Au NPs. However, in lake water the polymer was not effective and when applied alone
did not remove either of these particles (Figure 5). For the uncoated NPs, removal was
largely the same among all treatments, resulting in similar size distributions after each in
both river and lake water. CeO2 removal in lake was an exception, with worse removal
when polymer was applied with alum and ferric chloride coagulants. Dissolution was
observed for ZnO NPs when no treatment was applied to both river and lake water
(Figure 4 and Figure 5, respectively).
NP removal after Zone 4 coagulation using alum, ferric chloride, and ferric sulfate
with and without polymer and by polymer alone are shown in Figure 6 for both river and
lake water. Ag and Au NPs showed similar overall removal most likely because they
were both citrate-stabilized (Figure 6a, 6b). Under Zone 4 conditions in river water, alum
resulted in the highest removal of Ag and Au NP among coagulation treatments without
polymer addition (Figure 6a). Ferric chloride resulted in similar removal when polymer
was added simultaneously. The highest removal efficiency observed for Ag and Au NPs
was after alum with polymer addition. Polymer addition enhanced removal when added
at the same time as other coagulants in Zone 4.
Turbidity removal did not show a significant correlation to Ag and Au NP
removal, but was reduced by over 70% for all treatments (Figure 6). Minimal settling
occurred when no treatment was applied. Zone 4 coagulation treatments in lake water
resulted in more than 75% of Ag and Au NP removal when alum, ferric chloride, and
ferric sulfate were applied alone (Figure 6b). When polymer was added alone, significant
NP removal was not observed for any of the monitored NPs in lake water (Figure 6b, 6d).
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However, the polymer was effective in river water at the same dosage (Figure 6a, 6c)
which indicated that the organic carbon concentrations in the water played a major role in
the efficacy of the polymer. Similar results have been reported.(Jarvis et al., 2006;
Matilainen et al., 2010; Rizzo et al., 2008) Dissolved Ag and Au were below the DLs in
all samples.

Figure 6. a) Ag NP, Au NP, and turbidity removal and c) TiO2, CeO2, ZnO NP and
turbidity removal after various Zone 4 coagulation and polymer treatments in river water;
b) Ag NP, Au NP, and turbidity removal and d) TiO2, CeO2, ZnO NP and turbidity
removal after various Zone 4 coagulation treatments in river water.

TiO2, CeO2, and ZnO removal after Zone 4 treatments in river water and lake
water can be seen in Figure 6c and 6d, respectively. Under each treatment condition,
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removal for these NPs was between 85-99% in river water matrix, which indicated that
Zone 4 coagulation effectively removed the uncoated NPs from river water even at high
DOC levels (6.47 mg/L). Dissolved Ce, if present, was below the detection limit in river
water samples, but dissolved Ti and Zn were present in the river water samples at 109
and 7.85 µg/L, respectively. After NP addition, dissolved Ti concentrations did not
increase, but dissolved Zn increased to 23.0 µg/L. ZnO NP dissolution and those smaller
than the size DL contributed to this increase in detected Zn ions. After Zone 4
coagulation treatments, dissolved Ti and Zn concentrations were reduced by 62-99%
depending on treatment (Figure 7). Polymer alone resulted in the lowest dissolved ion
removal. pH, UV254 absorbance, and DOC were also monitored before and after the
various Zone 4 coagulation treatments. After Zone 4 coagulation in river water with
alum, ferric chloride, and ferric sulfate, the pH decreased from 7.30 to 7.03, 7.10, and
7.10, respectively. Polymer addition had no effect on the pH. Turbidity, UV254, and DOC
removal by all of the coagulants, but reduced turbidity (Figure 6).
As during the Zone 2 coagulation experiments, dissolved ions did not increase
after NP addition which indicated that the NPs were not undergoing any physical changes
after addition to river water, except ZnO which is known to be highly soluble. Citratestabilized Ag and Au NPs removal was generally higher after Zone 4 coagulation
compared to Zone 2, which indicated that the NPs were “swept up” into coagulant floc.
Uncoated TiO2, CeO2, and ZnO NPs were removed by Zone 4 coagulation with high
efficiency. Dissolved Ti and Zn removal was higher under Zone 4 conditions than Zone 2
conditions. The decrease in pH and sweep action of the Zone 4 coagulation process both
contributed to this increase in removal.
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Figure 7. Dissolved Ti and Zn removal during Zone 4 coagulation experiments in a) river
water and b) lake water.

4. CONCLUSIONS

As applications and production of NP increase, it is important to understand if
NPs are efficiently removed during alum, ferric, and polymer coagulation processes for
protection of public health as well as for future environmental and health regulations.
Alum, ferric, and polymer coagulants effectively removed citrate-stabilized Ag and Au
NPs and uncoated TiO2, CeO2, and ZnO NPs from river water under Zone 2 and Zone 4
coagulation conditions. These NPs were added at the upper limit of predicted
environmental exposure (~1×106 particles/mL, µg/L level mass concentrations), which
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indicated that these treatments were effective under maximum predicted exposure levels.
This study resulted in similar removal efficiencies with previous studies that used higher
concentrations of NP, indicating that NP removal under these conditions is not
concentration dependent. However, some NPs were not removed by alum, ferric, and
polymer coagulation processes. If a large concentration of NPs is released into source
water, it may be necessary to combine several different treatments to ensure NPs have
been removed to safe limits for human consumption. As shown in previous work, lime
softening effectively removed over 90% of particles from river water. By combining
traditional treatment techniques, the selected NPs in this and previous studies can be
removed very efficiently. More work needs to be done to evaluate the behavior of other
types of NPs with various sizes and surface coatings, and SP-ICP-MS methods should be
improved to reduce detection limits to improve NP characterization.

SUPPLEMENTARY INFORMATION

The supplementary information contains size distribution histograms for each
metal element containing particle in the collected surface waters without added NPs.
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Kittler, S., Greulich, C., Diendorf, J., Köller, M., Epple, M., 2010. Toxicity of Silver
Nanoparticles Increases during Storage Because of Slow Dissolution under
Release of Silver Ions. Chemistry of Materials. 22, 4548-4554.
Klaine, S.J., Alvarez, P.J.J., Batley, G.E., Fernandes, T.F., Handy, R.D., Lyon, D.Y.,
Mahendra, S., McLaughlin, M.J., Lead, J.R., 2008. Nanomaterials in the
environment: Behavior, fate, bioavailability, and effects. Environmental
Toxicology and Chemistry. 27, 1825-1851.

71
Laborda, F., Bolea, E., Jimenez-Lamana, J., 2014. Single particle inductively coupled
plasma mass spectrometry: a powerful tool for nanoanalysis. Anal Chem. 86,
2270-2278.
Laborda, F., Jiménez-Lamana, J., Bolea, E., Castillo, J.R., 2013. Critical considerations
for the determination of nanoparticle number concentrations, size and number size
distributions by single particle ICP-MS. Journal of Analytical Atomic
Spectrometry. 28, 1220-1232.
Lee, B.C., Kim, S., Shon, H.K., Vigneswaran, S., Kim, S.D., Cho, J., Kim, I.S., Choi,
K.H., Kim, J.B., Park, H.J., Kim, J.H., 2008. Aquatic toxicity evaluation of TiO2
nanoparticle produced from sludge of TiCl4 flocculation of wastewater and
seawater. Journal of Nanoparticle Research. 11, 2087-2096.
Limbach, L.K., Bereither, R., Muller, E., Krebs, R., Galli, R., Stark, W.J., 2008. Removal
of Oxide Nanoparticles in a Model Wastewater Treatment Plant: Influence of
Agglomeration and Surfactants on Clearing Efficiency. Environmental Science
and Technology. 42, 5828-5833.
Liu, J., Murphy, K., Winchester, M., Hackley, V., 2017. Overcoming challenges in single
particle inductively coupled plasma mass spectrometry measurement of silver
nanoparticles. Analytical and Bioanalytical Chemistry. 409, 6027-6039.
Loeschner, K., Navratilova, J., Kobler, C., Molhave, K., Wagner, S., von der Kammer,
F., Larsen, E.H., 2013. Detection and characterization of silver nanoparticles in
chicken meat by asymmetric flow field flow fractionation with detection by
conventional or single particle ICP-MS. Anal Bioanal Chem. 405, 8185-8195.
Matilainen, A., Vepsalainen, M., Sillanpaa, M., 2010. Natural organic matter removal by
coagulation during drinking water treatment: a review. Adv Colloid Interface Sci.
159, 189-197.
Montaño, M., Olesik, J., Barber, A., Challis, K., Ranville, J., 2016. Single Particle ICPMS: Advances toward routine analysis of nanomaterials. Analytical and
Bioanalytical Chemistry. 408, 5053-5074.
Montaño, M.D., Badiei, H.R., Bazargan, S., Ranville, J.F., 2014. Improvements in the
detection and characterization of engineered nanoparticles using spICP-MS with
microsecond dwell times. Environmental Science: Nano. 1, 338.
Mueller, N.C., Nowack, B., 2008. Exposure Modeling of Engineered Nanoparticles in the
Environment. Environmental Science and Technology. 42, 4447-4453.

72
Nowack, B., Ranville, J.F., Diamond, S., Gallego-Urrea, J.A., Metcalfe, C., Rose, J.,
Horne, N., Koelmans, A.A., Klaine, S.J., 2012. Potential scenarios for
nanomaterial release and subsequent alteration in the environment. Environ
Toxicol Chem. 31, 50-59.
Pace, H.E., Rogers, N.J., Jarolimek, C., Coleman, V.A., Higgins, C.P., Ranville, J.F.,
2011. Determining transport efficiency for the purpose of counting and sizing
nanoparticles via single particle inductively coupled plasma mass spectrometry.
Anal Chem. 83, 9361-9.
Peters, R., Herrera-Rivera, Z., Undas, A., Lee, M.v.d., Marvin, H., Bouwmeester, H.,
Weigel, S., 2015. Single particle ICP-MS combined with a data evaluation tool as
a routine technique for the analysis of nanoparticles in complex matrices. Journal
of Analytical Atomic Spectrometry. 30, 1274-1258.
Quik, J.T., Lynch, I., Van Hoecke, K., Miermans, C.J., De Schamphelaere, K.A., Janssen,
C.R., Dawson, K.A., Stuart, M.A., Van De Meent, D., 2010. Effect of natural
organic matter on cerium dioxide nanoparticles settling in model fresh water.
Chemosphere. 81, 711-5.
Rizzo, L., Di Gennaro, A., Gallo, M., Belgiorno, V., 2008. Coagulation/chlorination of
surface water: A comparison between chitosan and metal salts. Separation and
Purification Technology. 62, 79-85.
Sharifi, S., Behzadi, S., Laurent, S., Forrest, M.L., Stroeve, P., Mahmoudi, M., 2012.
Toxicity of nanomaterials. Chem Soc Rev. 41, 2323-2343.
Van Hoecke, K., De Schamphelaere, K.A., Van der Meeren, P., Smagghe, G., Janssen,
C.R., 2011. Aggregation and ecotoxicity of CeO(2) nanoparticles in synthetic and
natural waters with variable pH, organic matter concentration and ionic strength.
Environmental Pollution. 159, 970-6.
Wang, H., Qi, J., Keller, A.A., Zhu, M., Li, F., 2014. Effects of pH, ionic strength and
humic acid on the removal of TiO2 nanoparticles from aqueous phase by
coagulation. Colloids and Surfaces A: Physicochemical and Engineering Aspects.
450, 161-165.
Wang, H.T., Ye, Y.Y., Qi, J., Li, F.T., Tang, Y.L., 2013. Removal of titanium dioxide
nanoparticles by coagulation: effects of coagulants, typical ions, alkalinity and
natural organic matters. Water Sci Technol. 68, 1137-1143.
Westerhoff, P., Song, G., Hristovski, K., Kiser, M.A., 2011. Occurrence and removal of
titanium at full scale wastewater treatment plants: implications for TiO2
nanomaterials. Journal of Environmental Monitoring. 43, 6757-6763.

73
Windler, L., Lorenz, C., von Goetz, N., Hungerbuhler, K., Amberg, M., Heuberger, M.,
Nowack, B., 2012. Release of titanium dioxide from textiles during washing.
Environ Sci Technol. 46, 8181-8188.
Yang, X., Gondikas, A.P., Marinakos, S.M., Auffan, M., Liu, J., Hsu-Kim, H., Meyer,
J.N., 2012. Mechanism of silver nanoparticle toxicity is dependent on dissolved
silver and surface coating in Caenorhabditis elegans. Environ Sci Technol. 46,
1119-27.
Yu, S.-j., Yin, Y.-g., Liu, J.-f., 2013. Silver nanoparticles in the environment.
Environmental Science: Processes & Impacts. 15, 78-92.
Zhang, Y., Chen, Y., Westerhoff, P., Hristovski, K., Crittenden, J.C., 2008. Stability of
commercial metal oxide nanoparticles in water. Water Research. 42, 2204-2212.

74
III. CYANOTOXIN OCCURRENCE, RELATION WITH SALINITY, AND
POTENTIAL RECREATIONAL HEALTH RISKS IN U.S. ESTUARIES IN
THE 2015 EPA NATIONAL COASTAL ASSESSMENT

Ariel R. Donovan1,2, Zachary R. Laughrey1, Hugh Sullivan2, Sarah Lehmann2, Robin A.
Femmer1, Sarena L. Senegal1, Keith A. Loftin1*

1. U.S. Geological Survey, Kansas Water Science Center, Organic Geochemistry
Research Laboratory, Lawrence, KS 66049, USA
2. Department of Chemistry and Environmental Research Center, Missouri University
of Science and Technology, Rolla, MO, 65409, USA
3. U.S. Environmental Protection Agency, Washington, D.C. USA

*corresponding author
Keith A. Loftin
1217 Biltmore Drive, Lawrence, KS 66049, USA
kloftin@usgs.gov
(785) 832-3543

ABSTRACT

Cyanotoxins are an emerging contaminant in estuary environments due to recent
implication in marine animal illness and fatal effects. In the first nationwide study of
cyanotoxins in estuarine environments, algal toxins, cyanotoxins, chlorophyll, and
salinity were measured in samples collected during the EPA National Coastal Condition
Assessment 2015. As no recreational guidelines exist for cyanotoxins in marine waters,
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recreational exposure thresholds from the World Health Organization and EPA were
applied to the data to evaluate potential recreational exposure to microcystins and
cylindrospermopsin. Anatoxin-a, cylindrospermopsin, domoic acid, and microcystins
(sum of ten congeners) were detected by LC/MS/MS in 0.7, 1.0, 7.9, and 2.2% of
samples with mean concentrations of 0.13, 0.13, 0.55, and 0.49 µg/L, respectively. A
portion of the sites were sampled twice, and domoic acid was detected in 12.1% of those
samples with a mean concentration of 0.44 µg/L. Microcystins by ELISA was also
evaluated, and 6.7% of samples had measurable microcystins with a mean of 0.60 µg/L.
Anatoxin-a and cylindrospermopsin were detected south of 40° latitude, microcystins by
ELISA nationwide (only on the east coast by LC/MS/MS), and domoic acid occurred
nationwide. Microcystins and cylindrospermopsin were below WHO and EPA
recreational health thresholds and agreed with the WHO chlorophyll recreational health
threshold metric in 63% of samples. Anatoxin-a, cylindrospermopsin, domoic acid, and
microcystins by ELISA were detected in samples with a wide range of salinities, while
microcystins by LC/MS/MS only occurred in samples with salinity <5 part per thousand
(PPT), however whether the cyanotoxins were produced in the estuary or were
transported downstream are unclear.

KEY WORDS
Cyanotoxins, microcystins, domoic acid, estuaries, salinity, cyanotoxin recreational
exposure risk

76
1. INTRODUCTION

Cyanobacteria, also known as blue-green algae, are photosynthetic bacteria that
can cause severe water quality problems including anoxia, taste and odor problems, poor
aesthetics, and in some cases production of cyanotoxins (Chorus and Bartram, 1999;
Paerl et al., 2001). Cyanotoxins have been reported to cause illness and death in animals,
and there are cases of human illness globally with deaths reported in one instance for
dialysis patients exposed to cyanotoxin-contaminated water during treatment (Pouria et
al., 1998). Recently, the impacts of cyanobacteria and cyanotoxins on coastal and estuary
water systems has been of interest as reported incidents of cyanobacteria blooms
occurring in eateries increase and there are observable impacts on the estuary systems
and animal life (Howard et al., 2017; Lehman et al., 2005; Miller et al., 2010; Rosen et
al., 2018; Tatters et al., 2017). The transport of cyanobacteria and cyanotoxins into
coastal environments depends on multiple factors, including tidal patterns and weather
events (rain, drought, snow, snow melt) as well as the ability of the cyanobacteria to
adapt to increasing salinity (Hagemann, 2011).
The effects of increasing salinity on freshwater cyanobacteria, whether through
secondary salinization of freshwater or transport to coastal and estuarine systems, are not
fully understood. Figure 1 summarizes current literature concerning the salinity tolerance
range of certain potentially toxin-producing cyanobacteria at the genera level including
Anabaena spp., Microcystis spp., Nodularia spp., Phormidium spp., Synechococcus spp.,
and Synechocystis spp. This summary includes multiple strains of these genera grown
under various conditions (culture medium, temperature, light source, light cycles, pH, and
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exposure time) as few studies used the same species and conditions. Furthermore, the
ability of a specific strain to adapt to changing salinity through production of
osmoregulatory compounds will impact survivability and the ability to actively produce
toxins in those environments (Black et al., 2011; Mazur-Marzec et al., 2005; Reed et al.,
1986; Reed and Stewart, 1985). This has a significant impact on the comparability of the
studies and serves to highlight that more work needs to be done to understand the ability
of these genera to adapt to increasing salinity.

Figure 1. Salinity tolerance range of several potential toxin producing cyanobacteria
genera where n is the number of instances reported salinity tolerance data. Salinity
concentrations for brackish water, sea water, and briny water are noted by dashed lines.
Multiple references.

Salinity tolerance ranges for the included cyanobacteria genera varied widely. Of
the potential toxin-producing cyanobacteria included in Figure 1, Anabaena spp. and
Nodularia spp. did not have evidence of surviving in sea water systems (>35 PPT).
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Microcystis spp., known to produce microcystins, have been shown to survive in up to 45
PPT salinity (Hagemann et al., 1989), but most reports place the highest salinity tolerance
<20 PPT. Phormidium spp., Synechococcus spp., and Synechocystis spp. are reported to
tolerate salinity from freshwater into brine water range (≥50 PPT), also known as
hypersaline environments. Synechococcus spp. has the largest reported salinity tolerance
range, from freshwater through 158 PPT (systems like Great Salt Lake).
While there is some literature regarding the impacts of salinity on cyanobacteria
toxin production and release, it is not yet well understood. Studies related to microcystin
production by Microcystis spp. indicate that toxin production may be reduced when cells
are under salt stress (Martín-Luna et al., 2015; Orr et al., 2004). Furthermore, there is
some evidence to show that when Microycstis sp. die or have weakened membrane
integrity at elevated salinities in laboratory studies, intracellular microcystins can be
released from the cells, increasing the dissolved fraction of the toxin (Chen et al., 2015;
Orr et al., 2004; Rosen et al., 2018). In studies regarding Nodularia spp., the highest
levels of toxin were produced at optimal salinity levels for the cyanobacteria (Blackburn
et al., 1996; Lehtimäki et al., 1997).
The interest in cyanobacteria and cyanotoxins at the marine-freshwater continuum
has increased in recent years in light of findings that document cyanobacteria and
cyanotoxins in estuarine and coastal systems worldwide (Howard et al., 2017; Lehman et
al., 2005; Preece et al., 2017, 2015; Tatters et al., 2019, 2017). The potential effects of
freshwater cyanobacteria and cyanotoxins discharged into coastal and estuarine
environments was highlighted with a report of southern sea otter mortalities caused by
microcystins at the Monterey Bay National Marine Sanctuary (Miller et al., 2010). Work
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has been done to assess the accumulation of cyanotoxins in clams, mussels, and oysters
which may result in cyanotoxin exposure of higher trophic levels. Accumulation and
depuration of cyanotoxins was found to be dependent on the type of feeder, with bivalves
and snails accumulating more toxin than crabs (Magalhães et al., 2003; Miller et al.,
2010; Pires et al., 2004; Wood et al., 2014). The potential occurrence of marine algal
toxins (domoic acid, okadaic acid, azaspiracids, pectenotoxins, and others),
anthropogenic contaminants, viruses and other natural contaminants, and cyanotoxins in
coastal and estuarine environments may result in increased and unknown health effects
(Gibble and Kudela, 2014; Tatters et al., 2019).
To test the hypotheses that cyanotoxins occur in U.S. coastal water and to
evaluate the connection between estuary salinity and cyanotoxin occurrence, a total of 21
algal toxins and cyanotoxins were analyzed by liquid chromatography tandem mass
spectrometry (LC/MS/MS) in water samples collected from U.S. coastal and estuary sites
for the U.S. Environmental Protection Agency (EPA) National Coastal Condition
Assessment 2015 (NCCA 2015). Samples were also screened for microcystins using a
commercial enzyme-linked immunosorbent assay (ELISA). Algal toxin and cyanotoxin
occurrence along U.S. coastlines between June and November 2015 was evaluated
against salinity associated with the samples to further understand the impacts of salinity
on toxins in the water systems. Finally, World Health Organization (WHO) and EPA
recreational guidelines were used to evaluate potential health risks associated with
microcystins and cylindrospermopsin in coastal and estuarine waters.
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2. METHODS AND MATERIALS

2.1. STUDY DESIGN
The National Coastal Condition Assessment 2015 (NCCA) (EPA, 2019) consisted of
two independent designs including re-sample sites from the NCCA 2010 and the other
selected new sites. A Generalized Random Tessellation Stratified (GRTS) survey design
was used for both sample designs. A total of 732 unique estuary sites were sampled in
June through November 2015 and analyzed for algal toxins and cyanotoxins by liquid
chromatography tandem mass spectrometry (LC/MS/MS), microcystins by enzymelinked immunosorbent assay (ELISA), and chlorophyll. A subset of 66 sites were
resampled during a second visit from July through September 2015. General patterns in
air temperature and precipitation during the sample collection months were described by
NOAA’s National Climatic Dataset (NOAA National Centers for Environmental
Information, 2016).

2.2. SAMPLE COLLECTION AND PRESERVATION AND IN-SITU SALINITY
MEASUREMENT
Samples collected for toxin analysis by LC/MS/MS and ELISA were collected in 500
mL high density polyethylene (HDPE) bottles. Bottles were rinsed three times with the
site water before sample collection, leaving at least one inch of head space. Samples were
immediately stored in a cooler on ice at the site and frozen upon return to the base site.
Samples were kept frozen through shipping and until sample processing. Chlorophyll-a
samples were collected into 2 L amber HDPE bottles using a water sampling device or
water pumping system at a depth of 0.5 m or less if the station depth was less than 1.0 m.

81
Sampling devices and bottles were rinsed three times before sample collection, and filled
bottles were placed on ice immediately after collection. Chlorophyll-a samples were
filtered on shore, stored in 50-mL tube, and stored on dry ice. Salinity was measured at
each site using a salinity/conductivity meter attached to a sonde that was calibrated prior
to field measurements. The sonde was lowered to sampling depth and the salinity was
recorded in a field measurement form and on toxin and ELISA sample bottles (EPA,
2015).

2.3. SAMPLE PROCESSING FOR ALGAL TOXIN AND CYANOTOXIN
ANLAYSIS BY LC/MS/MS
Samples for toxin analysis by LC/MS/MS were frozen and shipped overnight on ice
to the U.S. Geological Survey (USGS) Organic Geochemistry Research Laboratory in
Lawrence, KS. All samples were processed to lyse cyanobacteria cells and release
intracellular toxins by three sequential freeze/thaw cycles (Graham et al., 2010; Loftin et
al., 2008). Lysed samples were filtered using a 10-mL Norm-Ject polypropylene syringe
(ThermoFisher Scientific, Waltham, MA, USA) coupled to a 0.70-µm glass fiber (GF/F)
syringe filter (25 mm, Whatman, Maidstone, United Kingdom). The first 2 mL of sample
were discarded, and the remaining sample was filtered into a 20-mL amber vial. A
miniature extraction was performed on the filter by adding 400 µL of methanol (Optima
® LC/MS grade, ThermoFisher Scientific, Waltham, MA, USA) with 1% formic acid
(Optima ® LC/MS grade, ThermoFisher Scientific, Waltham, MA, USA) through the
filter and added to the sample. This process improved recovery for several algal toxins by
reducing sorption in sample processing particularly for the lipophilic algal toxins and
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cyanotoxins. The processed samples had a final methanol concentration of 4%. Samples
were stored frozen until analysis.

2.4. LIQUID CHROMATOGRAPHY TANDEM MASS SPECTROMETRY
(LC/MS/MS) ANALYSIS FOR ALGAL TOXINS AND CYANOTOXINS
Processed samples were analyzed by liquid chromatography tandem mass
spectrometry (LC/MS/MS) for 20 algal toxins and cyanotoxins using method adapted
from (Graham et al., 2010; Loftin et al., 2008). Analytes included anatoxin-a (ANAA),
cylindrospermopsin (CYLS), domoic acid (DMAC), dinophysistoxin-1 (DTX-1),
dinophysistoxin-2 (DTX-2), gymnodimine (GYM), 10 microcystin congeners (MCHiLR,
MCHtYR, MCLA, MCLF, MCLR, MCLW, MCLY, MCRR, MCWR, and MCYR),
nodularin-R (NDLR), okadaic acid (OKAC), pectenotoxin-2 (PTX-2), and 13-desmethyl
spirolide c (SPX-1). Separation was performed on an Atlantis T3 analytical column (100
Å particle size, 3 µm, 4.6 mm x 150 mm) with an Atlantis T3 Sentry Guard Cartridge
(Waters Corporation, Milford, MA, USA). An Agilent 1260 Bioinert LC coupled to an
Agilent 6460 Triple Quadruple Mass Spectrometer with an electrospray ionization (ESI)
Jet Stream Ionization Source (Agilent Technologies, Inc., Santa Clara, CA, USA).
Mobile phase A consisted of water, 2 mM ammonium formate, and 0.1 % formic acid.
Mobile phase B was 50/50 methanol/acetonitrile (v/v), 2 mM ammonium formate, and
0.1% tetrahydrofuran. Mobile phases were prepared using LC/MS grade solvents and
reagents. Multiple reaction monitoring (MRM) was used to detect precursor and product
ion fragments for quantitation, with the most abundant MRM transition designated as the
quantification ion and the next most abundant MRM transition designated as the qualifier
ion. Calibrations were prepared using certified reference materials from National
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Research Council Canada for ANAA, CYLS, DMAC, DTX-1, DTX-2, GYM, MCLR,
MCRR, NDLR, OKAC, PTX-2, and SPX-1. For compounds without certified reference
materials available, standards were purchased from Enzo Life Science (MCLA, MCLF,
MCLW, MCLY, MCWR, and MCYR). At the start of each run, analytes were calibrated
from 0.01 – 5.00 µg/L to determine minimum reporting limits (MRLs, determined as the
lowest calibration point that had at a signal to noise ratio of 5 for the quantifying MRM
transition). Samples were quantitated by single-point standard addition (SA) using the
stacked injection function on the Agilent 1260 LC autosampler, so that 2 µg/L of internal
standard, 0.1% tetrasodium ethylenediaminetetraacetic acid (EDTA), and with 1 µg/L of
all analytes when injecting a standard addition sample. Minimum reporting limits for
ANAA, CYLS, DMAC, DTX-1, DTX-2, GYM, MCHiLR, MCHtYR, MCLA, MCLF,
MCLR, MCLW, MCLY, MCRR, MCWR, MCRY, NDLR, OKAC, PTX-2, and SPX-1
were 0.08, 0.10, 0.20, 0.30, 0.10, 0.10, 0.10, 0.10, 0.10, 0.10, 0.10, 0.10, 0.08, 0.10, 0.10,
0.05, 0.10, 0.10, and 0.08 µg/L, respectively.

2.5. DETECTION
OF
MICROCYSTINS
IMMUNOSORBENT ASSAY (ELISA)

BY

ENZYME-LINKED

EPA laboratories processed samples collected for microcystins analysis by enzymelinked immunosorbent assay (ELISA) by three sequential freeze/thaw cycles to lyse
cyanobacteria cells, then filtered by 0.45-µm glass fiber filters using Norm-ject syringes.
Seawater samples were treated according to the manufacturer’s directions. Briefly, a resin
was prepared in a column and samples were passed through the column followed by
distilled water before analysis (PN 529912, Abraxis, LLC, Warminster, PA, USA).
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Samples were then analyzed using Microcystin-ADDA Test Kits (PN 520011, Abraxis,
LLC, Warminster, PA, USA). The adjusted reporting range was 0.263 to 8.75 µg/L.

2.6. DETERMINATION OF CHLOROPHYLL
EPA methods 445.0 and 446.0 were recommended for chlorophyll-a analysis which
entailed extracting filters with 90% acetone and analyzing the extracts by fluorometry or
visible spectrophotometry (Arar and Collins, 1997a, 1997b). While these methods can be
specific for chlorophyll-a there are known interferences from other chlorophyll analogues
whose presence depend on the composition of the phytoplankton communities resulting
in chlorophyll-a results being referred to as chlorophyll for this study (Arar and Collins,
1997a; Loftin et al., 2016).

2.7. DATA ANALYSIS
Statistical summaries (mean, median) were generated using Microsoft Excel
(Northampton, MA, USA). All maps were generated using ArcMap version 10.6.1
(Environmental Systems Research Institute ESRI, Redlands, CA, USA). When
comparing multiple parameters, analysis was performed only on samples that had data
reported for all parameters. Detection frequency at or above the minimum reporting limit
was determined using all available data. Concentration summary statistics were
calculated using only detection data.
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3. RESULTS

3.1. CLIMATE AND SALINITY
NOAA National Centers for Environmental Information release a National Climate
Report annually that summarizes annual temperature and precipitation and compares it
against the period of record, which included 121 years of data through 2015 (NOAA
National Centers for Environmental Information, 2016). Contiguous U.S. average
temperature was 12.4°C, which was above the 20th century average, making it the second
warmest year in the period of record. Average precipitation was 34.47 inches, 4.53 inches
above the 20th century average, making it the third wettest year in the period of record.
Strong El Niño conditions were present in mid-to-late 2015. California had significant
droughts with low winter precipitation that impacted reservoirs and agriculture as well as
contributing to wildfires. Oregon and Washing had the warmest year in the period of
record, which contributed to wildfires. Florida also had its warmest year in the period of
record.
Of the 732 sites sampled for toxin analysis, 664 had salinity measurements recorded.
Mean, median, and maximum salinity concentrations were 23, 27, and 55 PPT. Of these
sites, 3.0% were freshwater (<0.5 PPT), 85% were brackish water (0.5 to 35 PPT), 12%
were salt water (35 to 50 PPT), and 0.3% were brine water (>50 PPT). Of the 66 sites that
were sampled twice for toxin analysis, 64 had salinity measurements recorded. Mean,
median and maximum salinity concentrations were 25, 29, and 43 PPT. A total of 94% of
these sites were considered brackish on the second visit (0.5 to 35 PPT).
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3.2. OCCURRENCE OF ALGAL TOXINS AND CYANOTOXINS IN U.S.
ESTUARIES AND COASTAL WATERS BY LIQUID CHROMATOGRAPHY
TANDEM MASS SPECTROMETRY (LC/MS/MS)
ANAA was detected in 5 samples (0.7%) and co-occurred with DMAC in one
sample. Mean, median, and maximum concentrations were 0.13, 0.14, and 0.16 µg/L,
respectively. ANAA occurred on the Pacific, Gulf, and Atlantic coasts south of 40°
latitude (Figure 2). CYLS was detected in 7 samples (1.0%) and did not co-occur with
other toxins. Mean, median, and maximum concentrations were 0.13, 0.11, and 0.21
µg/L, respectively. CYLS occurred on the Pacific, Gulf, and Atlantic coasts south of 40°
latitude (Figure 3). Mean, median, and maximum concentrations were 0.13, 0.11, and
0.21 µg/L, respectively.
Microcystin congeners by LC/MS/MS were detected in a total of 16 samples (2.2%).
Two or more microcystin congeners were detected in 8 samples. MCWR was the most
frequently detected (12 samples), followed by MCRR (7 samples), MCLR (6 samples),
and MCYR (1 sample). MCWR also had the highest mean concentration of 0.49 µg/L.
Mean, median, and maximum concentrations for total microcystins by LC/MS/MS were
0.49, 0.31, and 2.29 µg/L, respectively. Microcystins co-occurred with DMAC in 2
samples, in one of these samples two microcystin congeners were detected and in the
other three congeners were detected. Microcystins were only detected by LC/MS/MS on
the Atlantic coast, east of 80° longitude (Figure 4) and occurred in lower salinity water
compared to the other toxins analyzed by LC/MS/MS. Estuarine and coastal samples
were screened for microcystins using ELISA. Using this method, microcystins were
detected in 6.7% of samples. Mean, median, and maximum concentrations were 0.60,
0.30, and 3.68 µg/L, respectively. Detections are mapped in Figure 5. Of the sites that
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were sampled twice, only 1 tested positive for microcystins with a concentration of 0.20
µg/L.
DMAC was the most frequently detected toxin, with a 7.9% detection frequency with
mean, median, and maximum concentrations of 0.55, 0.32, and 6.22 µg/L, respectively.
The subset of sites that were sampled twice (n=66) tested positive for DMAC in 12.1% of
samples with mean, median, and maximum concentrations of 0.44, 0.28, and 1.06 µg/L,
respectively. Other toxins were not detected by LC/MS/MS in the second round of
sampling for these locations. Of the locations sampled twice, only 1 location had DMAC
detected on both visits. DMAC was detected on the Pacific, Gulf, and Atlantic coasts
(Figure 6).
DTX-1, DTX-2, GYM, MCHiLR, MCHtYR, MCLA, MCLF, MCLW, MCLY,
NDLR, OKAC, PTX-2, and SPX-1 were not detected in any sample analyzed by
LC/MS/MS.

3.3. CHLOROPHYLL IN U.S. ESTUARIES AND COASTAL WATERS
All estuarine and coastal samples had measurable chlorophyll, with concentrations
ranging from 0.15 to 175 µg/L (Figure 7). A total of 64% of samples had <10 µg/L
chlorophyll present and 2% had >50 µg/L chlorophyll. Mean and median chlorophyll
concentrations were 11 and 6.5 µg/L, respectively. The highest chlorophyll
concentrations occurred in the Gulf of Mexico and on the Atlantic coast east of 100°
latitude.
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Figure 2. Anatoxin-a occurrence in U.S. estuarine and coastal samples by LC/MS/MS.

Figure 3. Cylindrospermopsin occurrence in U.S. estuarine and coastal samples by
LC/MS/MS.
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Figure 4. Total microcystin occurrence in U.S. estuarine and coastal samples by
LC/MS/MS.

Figure 5. Microcystins occurrence in U.S. estuarine and coastal samples by ELISA.
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Figure 6. Domoic acid occurrence in U.S. estuarine and coastal samples by LC/MS/MS.

Figure 7. Chlorophyll occurrence in U.S. estuarine and coastal samples.
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3.4. ALGAL TOXINS AND CYANOTOXINS OCCURRENCE IN THE CONTEXT
OF MEASURED SALINITY
Algal toxin and cyanotoxin detections and chlorophyll were compared to salinity
(Figure 8). ANAA and CYLS occurred over a wide range of salinity, without significant
concentrations changes with increasing salinity (Figure 8a). DMAC occurred in samples
with salinity ranging from 0.79 to 46 PPT (Figure 8b). The highest DMAC
concentrations occurred in samples with salinity around 35 PPT. DMAC occurred in
brackish (0.5-35 PPT, 90% of samples) and salt waters (35-50 PPT, 10% of samples).
Microcystins by LC/MS/MS occurred in samples with salinity ranging from 0.05 to 4.5
PPT, with a mean salinity of 1.9 PPT (Figure 8c). Microcystins detected by ELISA
occurred in samples with salinity ranging from 0.05 to 37 PPT, with a mean salinity of 11
PPT (Figure 8c). Twelve percent of samples with microcystins detected by ELISA
occurred in freshwater, 78% in brackish water, and 10% in salt water. Chlorophyll
occurred in freshwater, brackish, salt, and brine water (Figure 8d).

3.5. RECREATIONAL RISK ASSESSMENT FOR MICROCYSTIN EPOSURE IN
U.S. ESTUARIES AND COASTAL WATERS BASED ON WORLD HEALTH
ORGANIZATION AND U.S. ENVIRONMENTAL PROTECTION AGENCY
FRESHWATER GUIDELINES
Based on recreational health thresholds established by WHO for potential
microcystins exposure in freshwater, all samples analyzed for microcystins by ELISA
and LC/MS/MS (total microcystins calculated as the sum of all 10 congeners analyzed)
fell within the low risk level category (Table 1). On the basis of chlorophyll, 63% fell
within the low threshold, 35% fell within the moderate threshold, and 1.9% fell within
the high threshold.
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Figure 8. Comparison of a) anatoxin-a (ANAA) and cylindrospermopsin (CYLS), b)
domoic acid (DMAC), c) microcystins by LC/MS/MS and ELISA, and d) chlorophyll to
measured salinity.

WHO also recommends using cyanobacteria abundance to determine potential risk
thresholds, but cyanobacteria were not analyzed in the coastal and estuarine samples. As
mentioned in previous work, risk levels increased with less specific measurements
(Loftin et al., 2016). Chlorophyll is less specific, and had samples categorized within
higher risk levels compared to microcystins by ELISA and LC/MS/MS (Figures 9 and
10). Of the 50 samples that had microcystins detected by ELISA, risk levels based on
microcystin and chlorophyll agreed in 17 samples (34%, Figure 9). Of the 16 samples
that had microcystins detected by LC/MS/MS, risk levels based on microcystin and
chlorophyll agreed in only one sample (Figure 10).
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Table 1. Percentage of samples by ELISA, LC/MS/MS, and chlorophyll that fall into
WHO recreational health threshold categories for potential microcystin exposure.
Percentage of samples (%) by category
WHO relative
health threshold
Low
Moderate
High
Very High

Microcystin Total Microcystins
Chlorophyll
ELISA
by LC/MS/MS
100
0.0
0.0
0.0

100
0.0
0.0
0.0

63
35
1.9
0.0

Figure 9. Comparison of microcystins measured by ELISA and chlorophyll with WHO
relative health risk thresholds noted. Only samples with detections by ELISA are plotted
against chlorophyll.
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Figure 10. Comparison of microcystins measured by LC/MS/MS and chlorophyll with
WHO relative health risk thresholds noted. Only samples with detections by LC/MS/MS
are plotted against chlorophyll.

The U.S. EPA released recreational exposure guidelines for microcystins and
cylindrospermopsin with limits of 8 µg/L and 15 µg/L, respectively (USEPA, 2019).
Total microcystins by LC/MS/MS and microcystins screened by ELISA all fell under the
recommended 8 µg/L concentration. Cylindrospermopsin was below the EPA
recommended 15 µg/L concentration in all samples.
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4. DISCUSSION

Transport of cyanobacteria and cyanotoxins from freshwater environments to
coastal and estuarine systems may have consequences for human and environmental
health. The major findings of this study (including samples analyzed for algal toxins,
cyanotoxins, and chlorophyll from coastal and estuarine systems during the 2015 NCCA)
indicate that domoic acid was the most commonly detected algal toxin in U.S. estuaries,
microcystins were the most commonly detected cyanotoxin in these systems, the
relationship between salinity and the presence of cyanotoxins in coastal and estuarine
systems needs more study, and WHO guidelines applied to coastal and estuarine systems
resulted in differing risk assessments based on the parameter used.

4.1. DOMOIC ACID WAS DETECTED IN MANY COASTAL CONTIGUOUS U.S.
ESTUARY SYSTEMS TESTED
Domoic acid was detected in 76% of contiguous U.S. coastal states (Pacific, Gulf,
and Atlantic) during the 2015 NCCA. States that did not have domoic acid detections
included Alabama, Connecticut, New Hampshire, New Jersey, and Virginia. The most
significant impacts of domoic acid in the U.S. have been documented along the west
coast, but have been detected along the U.S. east coast, Gulf of Mexico, and coastlines
worldwide (Pan et al., 2001; Tango and Butler, 2008; Thessen and Stoecker, 2008;
Trainer et al., 2012). Cases of amnesic shellfish poisoning (ASP, domoic acid as
causative agent) in humans have been minimized by the implementation of strict shellfish
monitoring guidelines; however, the effects of chronic, sub-lethal doses of domoic acid
on humans and animals via shellfish consumption are still unclear (Lefebvre and
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Robertson, 2010). Chronic exposure to concentrations below regulatory limits in food has
recently been linked to impaired cognitive function in mice (Lefebvre et al., 2017) and to
structural and chemical changes in non-human primate brains (Petroff et al., 2019).

4.2. MULTIPLE CLASSES OF CYANOTOXINS
ESTUARIES AND COASTAL SYSTEMS

OCCURRED

IN

U.S.

Anatoxin-a, cylindrospermopsin, and microcystins were detected in estuary water
14, 24, and 14% of coastal states, respectively, by LC/MS/MS. Microcystins by ELISA
were detected in estuaries of 52% of coastal states. Anatoxin-a has been reported in
brackish water (Mazur and Pliński, 2003), and both toxins have been reported in coastal
California creeks and lagoons (Tatters et al., 2019, 2017). While concentrations were low
when detected, 0.10 to 0.16 µg/L for anatoxin-a and 0.10 to 0.21 µg/L for
cylindrospermopsin, and were detected infrequently, they occurred along the Pacific,
Gulf of Mexico, and Atlantic coastlines. Studies of microcystins in coastal and estuarine
waters have received more attention than other cyanotoxin classes and have been
measured in coastal waters worldwide (Preece et al., 2017). Microcystin producing
cyanobacteria have reportedly increased in freshwater discharged in to the Atlantic Ocean
on the U.S. east coast, Gulf of Mexico, and Pacific Ocean on the U.S. west coast
(Howard et al., 2017; Preece et al., 2017; Tatters et al., 2019, 2017). In this study,
microcystins by LC/MS/MS were detected on the east coast of the U.S. including
Albemarle and Pamlico Sounds and the Delaware Bay. Microcystins were detected by
ELISA on the Pacific and Atlantic coasts, as well as the Gulf of Mexico coastline.
Increased detections by ELISA are likely due to the specificity of the ELISA itself, which
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is designed to react with the ADDA group, common to all microcystin congeners, while
only 10 congeners were monitored by LC/MS/MS.

4.3. SALINITY AND TOXINS
The relationship between salinity and algal toxins and cyanotoxins was examined.
Domoic acid is primarily produced by Pseudo-nitzschia, a genus of marine planktonic
diatoms. Laboratory and ecological studies have indicated that domoic acid production is
highest when salinity is 30 PPT or greater, and that in low salinity water (<10 PPT)
domoic acid production ceases (Doucette et al., 2008; Macintyre et al., 2011). In this
study, the highest concentrations of domoic acid occurred when salinity was around 35
PPT (average salinity of sea water) but occurred over a wide range of salinity
concentrations from 0 to 46 PPT. Concentrations of anatoxin-a and cylindrospermopsin
were not impacted by salinity when they occurred, which may indicate that they are
produced in situ in low amounts. Microcystins by LC/MS/MS and ELISA occurred in
water with salinity up to 37 PPT, with the highest concentrations detected in water with
less than 5 PPT salinity. This may indicate that the occurrence of microcystins is more
strongly linked to freshening of estuaries than anatoxin-a or cylindrospermopsin.

4.4. UNKNOWN IMPACTS OF MULTIPLE TOXIN CLASSES PRESENT IN
ESTUARIES AND COASTAL WATER SYSTEMS
Risk assessment for cyanotoxins in coastal and estuarine environments is
challenging due to the complex nature of estuary systems. Seasonal variations in climate,
precipitation events, the flux of freshwater entering coastal systems, and mixing in
estuary systems impact the distribution of cyanobacteria and cyanotoxins entering the
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systems as well as the fate of toxin-producing marine species. In this study, multiple
classes of algal toxins and cyanotoxins occurred in U.S. coastal and estuary systems. The
effects of multiple classes of toxins in estuary systems is still unknown, as synergistic
effects between cyanotoxins and other toxins are still unknown. Implementation of
remote monitoring for cyanobacteria in coastal freshwater bodies might be considered
when performing future coastal studies for cyanotoxins to supplement the results and
support findings. Because there is evidence of cyanobacteria proliferating in U.S. coastal
water, evaluating whether the toxins were produced in the system or upstream is critical
to human, animal, and environmental risk assessment.

SUPPORTING INFORMATION

All LC/MS/MS cyanotoxin data can be obtained via weblink (not yet public). All
other National Coastal Condition Assessment 2015 data can be obtained via weblink (not
yet public).
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2. CONCLUSIONS

2.1. SINGLE PARTICLE ICP-MS DETECTION OF NANOPARTICLES IN
SURFACE AND TREATED WATER
Single particle inductively coupled plasma mass spectrometry (SP-ICP-MS) has
significant potential to be a direct monitoring technique for dissolved ions and metal
oxide nanoparticles in surface and treated water. Titanium dioxide, cerium dioxide, zinc
oxide, silver, and gold nanoparticles were monitored throughout various drinking water
treatment processes including softening, coagulation, filtration, and disinfection. The
sensitivity of this technique is applicable to anticipated environmental concentrations of
these materials. However, certain assumptions must be made including particle shape,
particle composition and density, and that one isotope can be monitored during a run. The
next challenge for the environmental assessment of metal oxide nanoparticles is
differentiating between naturally occurring nanoparticles and engineered nanoparticles
and expanding instrument capability to monitor multiple isotopes in a single run.
Furthermore, complementary techniques will be required to determine other salient
parameters of the nanoparticles such as shape and hydrodynamic diameter.

2.2. CYANOTOXINS IN ESUTARINE ENVIRONMENTS BY LC/MS/MS
Liquid chromatography tandem mass spectrometry (LC/MS/MS) was used to
detect algal toxins and cyanotoxins in estuaries of the contiguous United States. Multiple
cyanotoxin classes were detected, including anatoxin-a, cylindrospermopsin, and
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microcystins as well as domoic acid. Occurrence of anatoxin-a, cylindrospermopsin, and
domoic acid could not be correlated to salinity, but most microcystins detections occurred
in estuarine waters with <5 PPT salinity. There was a marked difference in detection
frequency for microcystins by ELISA and LC/MS/MS, likely due to the principles of
each technique. Using guidelines established by the WHO and US EPA, all samples fell
into a low risk level category when using toxin concentration as the metric, while 37% of
samples were in the moderate and high-risk categories by chlorophyll. The presence of
multiple toxins co-occurring in estuary environments complicates human health risk
assessment, as unknown synergistic effects may occur when multiple cyanotoxins, algal
toxins, and other contaminants are present.
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SI 1. Size distribution histograms for Ce-, Ti-, and Zn-containing NPs (treated as CeO2,
TiO2, and ZnO respectively in this study) in river water without added NPs.
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SI 2. Size distribution histograms for Ce-, Ti-, and Zn-containing NPs (treated as CeO2,
TiO2, and ZnO respectively in this study) in lake water without added NPs.
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